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Go where those others went to the dark boundary
for the golden fleece of nothingness your last prize

go upright among those who are on their knees
among those with their backs turned and those toppled in the dust

you were saved not in order to live
you have little time you must give testimony

be courageous when the mind deceives you be courageous
in the final account only this is important

and let your helpless Anger be like the sea
whenever you hear the voice of the insulted and beaten

let your sister Scorn not leave you

for the informers executioners cowards—they will win

they will go to your funeral and with relief will throw a lump of earth
the woodborer will write your smoothed-over biography

and do not forgive truly it is not in your power
to forgive in the name of those betrayed at dawn

beware however of unnecessary pride
keep looking at your clown’s face in the mirror
repeat: | was called—weren’t there better ones than |

beware of dryness of heart love the morning spring
the bird with an unknown name the winter oak

light on a wall the splendour of the sky
they don’t need your warm breath
they are there to say: no one will console you

be vigilant—when the light on the mountains gives the sign—arise and go
as long as blood turns in the breast your dark star

repeat old incantations of humanity fables and legends
because this is how you will attain the good you will not attain
repeat great words repeat them stubbornly

like those crossing the desert who perished in the sand

and they will reward you with what they have at hand
with the whip of laughter with murder on a garbage heap

go because only in this way will you be admitted to the company of cold skulls
to the company of your ancestors: Gilgamesh Hector Roland

the defenders of the kingdom without limit and the city of ashes

Be faithful Go

The Envoy of Mr. Cogito, Zbigniew Herbert



Acknowledgments

First, I would like to thank my dearest Wife for her persistent support, against all odds. | wouldn’t have

come this far without you.

| would like to thank my Teacher, Dr. Maria Kukley for giving me the opportunity to pursue the doctoral
study in her group. We’ve endured so much bad luck and still pushed through.

I would like to thank Dr. Ingrid Ehrlich for her helpful discussions and Andrea Gall for the patience and

support in the early stages of the project.

| would also like to thank all the members of our group: Daniela, Nicole, Anahit, Balint, Ruxandra,

Ramazan, and Friederike. Working with you was a joy.

Finally, | would like to thank my parents, my sisters, and my friends. | think | would not make it without
their support.

Additionally, | would like to thank Dr. Marlies Knipper for taking the role of the First Reviewer of this
Thesis.



Contents

ADBSEIACE.........ooe e 1

1 INrOAUCEION.......c.oeei ettt 2
1.1 Appearance, distribution and progeny of OPCS..........cccooiiiiiinins e 2
1.2 MOTPhOIOGY Of OPCS.... ..ottt re ettt se e se e s n e s e e sae e s e eneenaeenaee 5
1.3 Passive membrane properties 0f OPCS........c.cocvirir ettt e 10
14 Voltage-gated K+ Channels........c.o i eeen 12
1.5 Voltage-gated Na+ ChanNEIS........cociiviiiiiieeeesee e e e e e nae e 14
1.6 Voltage-gated Ca2+ channels... .15
1.7 Voltage-gated Cl= Channels..........c.eoi i e 15
1.8 Hyperpolarization-activated cyclic nucleotide-gated (HCN) channels..............cccccvveeinnnennn 17
1.9 TRP ChANNEIS......coe e e e e 17
1.10  Synaptic Signaling @and OPCS.........ccoceirieie et ree et e e s n 18
1.11  Structure and function of glutamatergic neuronal SyNapses.........cccccvrvereeeeeerieeeneeenieennnnn 19
1.12 Exocytosis and endocytosis of synaptic vesicles in presynaptic boutons..............cccceeeenes 19
1.13 Postsynaptic glutamate receptors
1.14 Interaction between pre- and postsynaptic elements at neuronal synapses...................... 21
1.15 Glutamatergic signaling mediated by volume transmission..........ccccveceeriiceneniiieeisie e 22
1.16  Glutamatergic synapses between neurons and OPCS........ccccovcceieiiieiinciien e 24
117 KARS N OPC... et ettt sttt eh e et e e se e s ae s e e s e s eenseebeane s seentesaeeaeanen 29
1.18  NIMDARS IN OPCS....uiiiiiiiie ittt sttt ettt s e et e e e bbb sbe s m e e seesaesaeseeenenneeneenen 29
119 MGIURS INOPCS....ceiiciecte e e e e e s ne e e e e nn e neene e ene e 30
1.20
1.21  Functional role of AMPARS iN OPCS......cccuouiiiiit ittt ettt 32
1.22  FUNCtioNal role Of KARS..... ..ottt ettt et et e nr e s n e e eeee e 34
1.23  Functional role of NIMDARS........cccciiiiriiiiere et ettt sn e ee e se e e n e e s 34
1.24  Functional role Of MGIURS.........coiiuiiieiieee e et e e e e ee s 35
1.25 OPCs are the major cycling population of the CNS............coeiireririerr s 36



1.26  OPCs maintain their complex morphology and synaptic connections during cell division.. 37

Hypothesis, objectives, experimental strategy...............cccooriiiiiiiiiinii e 41
2.1 HYPOTNESIS. ...ttt e et st e e e e et e e et e e e sane e e et e snneanraees 41
2.2 (O o] =3 (1= PSPPSR 41
2.3 EXperimental Strategy........cuoi ot e 42

Materials and Methods................ooiiii s 43
3.1 Ethics Statement...... oo e e 43
3.2 ANIMAIS. ..ttt et s e et et e e et n e n e anene 43
3.3 Slice preparation for electrophysiology..........ccviiiiiiiiiiii s 43
3.4 Patch-Clamp reCOrdiNgS........coiiie et e e e e enee s 44
3.5 VA w8V =T oTe] {o [ o PR USRSRPI 45
3.6 Calculations for intrinsic properties of OPCS.........ccceeeiiuieeiieiee et e et 46
3.7 ANAlYSIS Of GEPSCS....uiiiiieiietieee ettt e st en e e s nneenneenne 46
3.8 Non-stationary fluctuation analysis (NSFA)........cooceuir e 47

3.9 Analysis of evoked EPSCs and I-V curve
3.10 Estimation of the fraction of rectifying AMPARs (FRR) based on rectification

MEASUIEIMENTS. ....ceutireeeuesseesseseereesee st seerrenseeseesseaseeseeesee e eaeenee sreeseeseseseesneseeennesnenresresnnenee 49
3.11  Analysis of the events during the train...........cocueveeeeeeie e 49
L A - 1410100 =Y T 01Tt e o SN 50
3.13  Preparation of brain slices for immunohistochemistry...........ccovveriieeiiien e 50
I T S o 1 P=To TR Voo [U 1Yo o O PPN 51
3.15  Cell tracing
3.16  Branch order and the positioning of process elements.........c..ccccoeveeverriernesieese e 52
3.17  ShOoll @NalYSiS......cuciiiiiiiii i s 52
3.18 Branch direction in space and alignment with anatomical body axes.............ccoccecuniiiunnnen. 52
3.19 Change in branch direction after a branching point...........ccccoeeiiiieie i 53
.20  SHALISHICS. .ttt e et e e ee e ne e saeenneeane 53

3.21 Power and sample Size CalCUIAtIONS.........cciiiiieiiierieiiiee et seee e eanee e 54



4. RESUIES.......o.oee ettt st e et s et es e e eete e s eaees e s ebese e ebennnes 55

41 Neither quantal size (q) nor other properties of gEPSCs at neuron-OPC synapses change
during callosal deVEIOPMENT.........coiiiiiiriiiie e as 55
4.2 Substitution of AMPARs by Ca2+ permeable subunits at OPC synapses is almost complete
in the 3rd postnatal week of callosal development............cccviiiiiieiiiienn i 57
43 Changes in the passive properties and current pattern of OPCs explain the lack of
differences in QEPSC ProPerties......ccvereeuerrierrerreestesreeree e eeseeesee e e eeesee e enesneeeseeenees 59
4.4 Response probability at the neuron-OPC synapses is preserved during callosal
development but short term plasticity of the synapses changes dramatically..................... 62
45 Priming of vesicular release changes during callosal development...........ccccoocueeeieeiieennnns 65
4.6 Changes in the short term plasticity indirectly translate into differences in the magnitudes of
evoked EPSCs at the neuron-OPC SYN@PSES........cccuurueereerieeneeseeeneeessseesseeesseesseeesneeenses 67
4.7 During callosal development OPC-neuron synapses increase reliability of transmission and
decrease asynchronicity of release..........cccociiiiiiiiiicccc s 71
4.8 The number of synaptic release sites does not change during callosal development........ 73
4.9 During callosal development OPC increase in size with a complimentary increase in the
number of branches but do not grow additional processes..........ccccoueerireneriieiiiessiiiieenene 74
4.10 During callosal development OPCs increase in size but maintain comparable process
density within their domain............ooe e s
411 The order of branches on a process is developmentally preserved
4.12 OPC processes show preferential alignment with the lateral-medial anatomical axis and
avoid aligning with the dorsal-ventral direCtion.............ccceeciieiiiin e e 82
4.13 OPC processes show preferential alignment with the posterior-anterior body axis............ 86
4.14 The change in the direction of successive branches is developmentally preserved.......... 88
4.15 Change in the direction of branches is similar at all branch orders............ccccceiiiieeiiinnens 88
5. DISCUSSION.......ocuiiiiiit e e et et en s 90
5.1 Dendrite/process morphology is critical for synaptic signal integration...........cccccceevveeeennnn. 90
5.2 Integration of synaptic input in OPC ProCESSES........cccveirrurierieer e eeeee e sees 92
53 Ca* signaling in OPC processes contributes to synaptic signaling............c.cocceeeeeverueeene. 96
5.4 PlastiCity at OPC SYNAPSES......ccicciiiiiirieirieieiiieesriee s ie e ssree s ste e se s ssse e e see s s ssae s s sseeesnneesnes 98
5.5 Vesicle pool in short-term plastiCity..........ccceveeeeiieeiiieciiee e 100
5.6 OPCs are highly dynamic cells, continuously migrating through the brain...................... 102



8.

Conclusion

LY

Future dir€CtioNs.............c.oooouiiiiee e e s

References



List of Figures

Figure 1

Figure 2

Figure 3
Figure 4
Figure 5
Figure 6
Figure 7
Figure 8

Figure 9

Figure 10
Figure 11
Figure 12
Figure 13
Figure 14

Figure 15
Figure 16

Figure 17
Figure 18

Figure 19

Figure 20

Figure 21

Figure 22

Oligodendroglial lineage markers that correspond to distinct stages of development
from neuronal progenitor cells (NPC) to myelinating oligodendrocytes (OL).................. 3

Distinct waves of OPC generation populate various regions of the central nervous

system (CNS) during developmeENt..........coiiuiiieiiiiriciee e e saae e 4
Distinct structural features of various glial cells in the developing visual cortex............. 6
Morphology of OPCs in different regions of the adult rat CNS...........cccovieiiiieiciinieenn. 7
V;, Cn and Na, current in OL lineage cells at different stages of development.............. 1"
EPSCs in OPCs are mediated by AMPARS.........ccueeiiiieiniie et 18
Glutamate release contributing to synaptic signaling and volume transmission........... 23

Electron micrographs of biocytin-DAB filled hippocampal OPCs, showing contact points

between the OPCs @nd @XOns.........ccooeieiierienirie e e 25
Comparison between neuronal and neuron-OPC synapses..........ccceieiein e 26
Synaptic markers at OPC synapses in Zebrafish..........ccccoovoev i 28
OPC NMDAR- and KAR-mediated currents at different developmental time-points... . 30
The first mGIuR transcripts detected in CG-4 OPC..........cccieiiiiieieiiee e 31
Synaptic currents are abolished during OPC lineage progression............ccucceeereeeinns 33

Summary of the role of glutamatergic receptors in OPC development and myelination...

OPCs maintain functional synapses during mMitoSis..........ccuerveenieniereericee e 38
During callosal development amplitude, charge and kinetics of quantal EPSCs do not
change but conductance of OPC AMPARSs gradually inCreases.........ccoceveveeveeeeceennnenn. 56
AMPARSs become significantly more Ca?* - permeable during callosal development... 58
Basic membrane properties of OPCs (Rm, Cmm, Vm) change during callosal .development
while most voltage-activated Na*, K* channel currents do not............cccceeviieeieenicnnne 60
Response probability of EPSCs evoked in OPCs during train stimulation of CC changes
during callosal deVelOPMENT.........c.uiiiiiiiieee et e s 63

During callosal development the timing of responses improves during train stimulation..

Response pattern of EPSCs evoked in OPCs during train stimulation of CC changes
during callosal developMENL........cc.oi it 68
During callosal development neurotransmitter release at OPC synapses becomes more

SYNCRIONIZEA. ... et e e e e e e e enne e s 70



Figure 23 The number of release sites at OPC synapses does not change over callosal
development .73
Figure 24 Callosal OPCs display greatly diverse morphologies at all investigated ages.............. 75
Figure 25 During development OPCs increase the size but not the number of processes with a
complimentary increase in the number of branches, br. points and endings................ 76
Figure 26 During development OPCs preserve the process density within the inner part of the cell
domain but increase the density in its outer reaches...........ccccooririieieinicec e 79
Figure 27 The number of process branches changes but their properties are preserved during
Lo L2072 o] o Ty 4= o | SRS 81
Figure 28 OPC processes preferentially align with and have longer branches when facing the
medial-lateral over the dorsal-ventral body axis.........ccccceeeiuiiiniiien e 83
Figure 29 OPCs show preference for but no change in branch length while facing the anterior-
S 10y S To Tl T Te VR bSO 85
Figure 30 The majority of new branches show a direction preference which is preserved during
Lo LY =Y o] o Ty 4 1= o | SRS 87
Figure 31 Changes in branch direction are not dependent on the position within a process (branch
order) and do not change during development...........c..cc....... .. 89
Figure 32 Myelination of corpus callosum during postnatal development.. .. 90
Figure 33 Stages of neuronal synapse formation..............ccocuereirierieen s 91
Figure 34 A-type K+ channels shorten mock PSPs in OPCS.........ccceiiiiiieiineieeeeeeseeeeeeie s 93
Figure 35 Development of short-term synaptic plasticity in the auditory system, before and after
the 0NSet Of NEAMNG........oociiieieee e et nees 99
Figure 36 Developmental differences in vesicular release in corpus callosum. .........cccceveeeeenne 101
Figure 37 OPC density is maintained through local proliferation.............cccccoeevieeciiiieecie e 103
List of Tables
Table 1 Summary of the K*, Na*, Ca** and CI channels found in OPCs and their expression

levels in RNA-Seq transcriptome database...........c.cooicrieiiiiiiiieieseies e 16



Abstract

Oligodendrocyte precursor cells (OPC) are unique among the glial cells of the CNS due to their
synaptic connections with neurons. Those synapses are also formed in white matter where OPC are
the major recipients of neuronal inputs driving their proliferation and differentiation into myelinating
glia. After the robust wave of myelination in the 2-4 postnatal week OPCs remain in the white matter
and retain their connections with neurons. Up to date the properties of those synapses are poorly
understood throughout callosal development. In this work we demonstrate, in murine callosal (CC)
slices, which components of synaptic strength are altered throughout three distinct stages of callosal
development (juvenility, adolescence and adulthood) to offset hyperpolarizing membrane potentials
and increasing membrane leakage. We show by which mechanisms synapses transition from short
term depression into potentiation and increase in reliability of transmission and signal integration.
Moreover, we investigate how those properties are shaped by different patterns of activity. We
supplement the electrophysiological results with whole-cell morphological reconstructions to show how
the development of myelin and continuous growth of CC shapes the branching of OPC processes.
Our electrophysiological results point to similarities in synaptic development between neuronal and
neuron-glia synapses while providing the first comprehensive assessment of the properties of OPC
synapses within a developmental framework. Our morphological results highlight the remarkable
stability of OPC branching pattern, contrasting with the substantial changes in the synaptic input and

OPC intrinsic properties.



1. Introduction

1.1 Appearance, distribution and progeny of OPCs

NG2-expressing cells, also known as oligodendrocyte precursor cells (OPCs) or polydendrocytes,
are prevalent in the grey and white matter of the central nervous system (CNS), constituting 8-9% of
the total cell population in adult white matter and 2-3% of total cells in adult grey matter, as reported
by Dawson et al., 2003. This population of glial cells in the brain has been recognized to express the
proteoglycan NG2 for over two decades (Levine and Card, 1987; Stallcup and Beasley, 1987). The
discovery of synapse-like associations between OPCs and neurons in various areas of the developing
and adult CNS brought OPCs into the spotlight (Bergles et al., 2000; Lin and Bergles, 2002; Lin et al.,
2005). While significant strides have been made in understanding the development and lineage
progression of OPCs, their physiological properties and function in normal and diseased brains remain
relatively unexplored.

OPCs can be identified by the expression of the NG2 chondroitin sulphate proteoglycan and alpha
receptor for platelet-derived growth factor (PDGF-Ra). Microvascular pericytes also express the NG2
proteoglycan (Ozerdem et al., 2001; Zhu et al., 2008; Hamilton et al., 2010); however, the two cell
types have distinct morphologies, with NG2-glia being stellate cells with multiple processes, and
pericytes being perivascular cells with two or more primary processes extending along blood vessels
(Wigley and Butt, 2009).

Electrophysiological studies indicate that OPCs express a complex set of voltage-gated channels,
including tetrodotoxin (TTX)-sensitive sodium channels and various types of potassium channels
(Bergles et al., 2000; Chittajallu et al., 2004; Karadattir et al., 2008; Kukley et al., 2008; Kukley et al.,
2010; De Biase et al., 2010; Spitzer et al., 2019). Furthermore, OPCs in grey and white matter areas
of the brain express a-amino-3-hydroxyl-5-methyl-4-isoxazole-propionate (AMPA)/kainate and/or y-
aminobutyric acid (GABAA) receptors and receive glutamatergic and/or GABAergic synaptic input
from neurons (Bergles et al., 2000; Lin and Bergles, 2002; Lin et al., 2005; Karadéttir et al., 2005;
Kukley et al., 2007; Ziskin et al., 2007). It is not clear why neurons have evolved to possess
specialized release machinery at specific sites of contact with NG2 glial cells, nor whether neuron-glia
synapses are dynamic. Recent studies have begun to investigate potential changes in neuron-glia
synapses when OPCs divide or differentiate (Kukley et al., 2008; Kukley et al., 2010; De Biase et al.,
2010; Ge et al., 2009).

Currently, it remains unclear at what stage of development the first oligodendroglial progenitors
expressing NG2 emerge in the CNS. Several studies suggest that the earliest NG2-positive

parenchymal cells arise after E14.5 in mice or E15-E17 in rats (Zhu et al., 2011; Trotter et al., 2010).
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Figure 1. Oligodendroglial lineage markers that correspond to distinct stages of development from neuronal
progenitor cells (NPC) to myelinating oligodendrocytes (OL).

A2BS5 is expressed by neural progenitor cells, NPC, and oligodendrocyte progenitor cells (OPC) alike. Olig1 and Olig2, along
with Sox10 and Nkx2.2, are expressed in all cells of the lineage. OPC and pre-oligodendrocytes (pre-OL) are characterised
by PDGFR-a and NG2 expression. During the transition from progenitor to differentiated oligodendrocytes, PLP, O4, O1, and
CNPase are expressed. Differentiated, axon-myelinating oligodendrocytes are characterised by myelin protein expression
(MBP, MAG, MOG, GalC). NPC: neuronal progenitor cell; OPC: oligodendrocyte progenitor cell; OL: oligodendrocyte;
PDGFR-a: platelet-derived growth factor receptor A; NG2: neuron-glial antigen 2; PLP: proteolipid protein; CNPase: 2',3'-
Cyclic-nucleotide 3’-phosphodiesterase; MBP: myelin basic protein; MAG: myelin associated glycoprotein; MOG: myelin-
oligodendrocyte glycoprotein; GalC: galactocerebroside. Adapted from Kuhn et al., 2019.

Prior to this, NG2 labeling within the CNS is observed in developing capillaries, and no regions
derived from the neuroepithelium appear to be stained (Nishiyama et al., 1996; Trotter et al., 2010). All
non-vascular NG2-positive cells also express PDGF-Ra. Other research indicates that the earliest
oligodendrocyte progenitors are formed in the ventral telencephalon at around E11.5-E12.5 in mice,
from the ventricular zone of the medial ganglionic eminence (Tekki-Kessaris et al., 2001; Kessaris et
al., 2006). These oligodendrocyte progenitors express PDGF-Ra, but it is unclear whether they are
also NG2-positive. In rats, the highest density of OPCs occurs during the first postnatal week. At this

point, regional differences in the density of OPCs appear to be less apparent since these cells
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uniformly populate the entire CNS (Nishiyama et al., 1996). From the second postnatal week, the
number of NG2-immunoreactive cells begins to decline, although both NG2 and PDGF-Ra molecules
continue to be expressed into adulthood.

In both the developing and adult brain, OPCs are known to develop into myelinating
oligodendrocytes. However, a significant proportion of OPCs fail to differentiate beyond the stage at
which they express NG2 and the lipid antigen O4, leading to their persistence in the CNS in an
immature form (Dawson et al., 2003; Zhu et al., 2008; Rivers et al., 2008). Despite numerous studies,
it is still not well understood whether OPCs are oligodendrocyte precursors with restricted lineage

potential or multipotent progenitors.

QE@ Figure 2. Distinct waves of OPC generation populate

Forebrain Cerebellum Spinal cord various regions of the central nervous system (CNS)
E115 E125

during development.

The three panels (left/orange: forebrain; middle/green:
cerebellum; right/purple: spinal cord) illustrate different
regions of the developing brain. OPCs originating from

various niches are represented by differently colored dots
(blue = MGE, red = L/CGE, and green = dSVG). The data
used to create this schematic were derived from several
sources (Fogarty, Richardson, & Kessaris, 2005; Grimaldi,
Parras, Guillemot, Rossi, & Wassef, 2009; Hashimoto et al.,
2016; Kessaris et al., 2006; Ravanelli & Appel, 2015;
Vallstedt, Klos, & Ericson, 2005). Adapted from van Tilborg et
al., 2018.

Previous attempts to address the question of the fate of OPCs have reported that these cells
(OPC or O-2A progenitors) can generate oligodendrocytes, as well as a number of neurons and/or
astrocytes (Belachew et al., 2003; Aguirre and Gallo, 2004; Aguirre et al., 2004; Tamura et al., 2007).
Recent advances in Cre-loxP fate mapping have allowed for further evaluation of OPC fate in the
mouse CNS, in different transgenic mouse lines in vivo (Dimou et al., 2008; Rivers et al., 2008; Zhu et
al., 2008; Zhu et al., 2011; Guo et al., 2009; Kang et al., 2010). These studies largely agree that

OPCs are mainly responsible for generation of oligodendrocytes, while some have also reported that
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OPCs are the precursors of astrocytes in ventral areas of the brain and spinal cord (Zhu et al., 2008;
Guo et al., 2009). Other findings suggest that a limited number of OPCs can differentiate into principal
neurons in the ventral forebrain, dorsal cerebral cortex, and hippocampus in postnatal and adult
animals (Rivers et al., 2008; Guo et al., 2009; Guo et al., 2010).

However, some investigators have pointed out that OPCs remain committed to the
oligodendrocyte lineage in postnatal life and even following neurodegeneration (Kang et al., 2010).
Interestingly, the fate of OPCs is likely to be age-dependent, as a recent study has shown that OPCs
in the postnatal brain generate only OPCs or oligodendrocytes, whereas OPCs in the embryonic brain
generate protoplasmic astrocytes in addition to oligodendrocytes and OPCs (Zhu et al., 2011). Thus,
while it is clear that OPCs are the precursors of oligodendrocytes, conclusions about the alternative
fate of these cells remain controversial.

The investigation of this issue is complicated by several factors. First of all, NG2 proteoglycan is a
surface marker that is lost before the terminal differentiation of the cells (Kukley et al., 2010; Frohlich
et al., 2011). Therefore, it is not possible to define the lineage potential of NG2-expressing cells based
solely on NG2 expression, and the use of multiple markers is necessary to identify the types of
progeny that OPCs can generate. Second, although Cre-loxP technology has brought many
advantages, caution is needed in interpreting the results of Cre-loxP-mediated fate-mapping
experiments. Even in transgenic animals designed to express Cre recombinase under a specific
promoter, transient expression of Cre recombinase in cells distinct from the lineage of interest is
possible, and confirmation of the fate-mapping results with other lineage-tracing methods is always
desirable (Frohlich et al., 2011; Gallo et al., 2008).

The research on fate mapping of OPCs is further complicated by the fact that pericytes also
express NG2 proteoglycan and may be labeled by reporter genes in NG2 transgenic strains, leading
to potential confusion in the interpretation of data obtained from transgenic strains, especially when
taking into account the possible neurogenic potential of pericytes recently reported in vitro. Despite
these challenges, further research into the fate of OPCs is necessary to gain a more comprehensive

understanding of their role in the development and function of the CNS.

1.2 Morphology of OPCs

NG2 glial cells are a distinct group of cells characterized by a small, polygonal soma of 10-15 ym
in size and a multipolar tree of fine processes. The morphology of these cells varies slightly depending
on their location within the brain. In areas of grey matter, OPCs typically have a centrally located soma
with long, slender primary processes that bifurcate two or more times, giving rise to a symmetrical
process field (Bergles et al., 2000; Chittajallu et al., 2004).



Microglial Cell

Figure 3. Distinct structural features of various glial cells in the developing visual cortex.

(A) 3D rendering of an OPC from a TEM reconstruction of 100-ym3 volume of layer 2/3 mouse visual cortex (P36) (B) 3D
rendering of a microglial cell shows its thicker, less branched processes and elongated and flattened soma. (C) 3D rendering
of a mature myelinating oligodendrocyte. Note, myelin sheaths are not shown, only the soma and cytoplasmic processes are
displayed. (D) 3D rendering of an astrocyte. Scale bars = 20 ym. Adapted from: Buchanan et al., 2022.

On the other hand, OPCs in white matter areas of the central nervous system such as the corpus
callosum and optic nerve, have a more polarized appearance. These cells extend their processes
along the axonal axis (Gallo et al., 2008; Berry et al., 2002; Chittajallu et al., 2004; Kukleyet al., 2007).
While some authors suggest that OPCs in white matter have a classic bipolar morphology similar to

neural precursor cells, possessing only a few short processes emanating from opposing poles of the
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cell body, others have shown that the process fields of white matter OPCs can ramify through the
neuropil for distances up to 160-200 pm (Gallo et al., 2008). It is not clear why there are discrepancies
in the reported morphologies of OPCs in white matter. It is possible that differences in age of
experimental animals and/or variations in cell-labeling techniques could contribute to the observed

discrepancies.
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Figure 4. Morphology of OPCs in different regions of the adult rat CNS.

OPCs have a stellate morphology in gray matter regions, such as the cerebral cortex (A), hippocampus (B), striatum (C):
long, fine processes extend and heavily branch all around the cell body (cell bodies are indicated by arrows). Dorsal horn of
the spinal cord (D), cerebellar granular layer (E) and cerebellar molecular layer (F) have fewer processes. OPCs in white
matter regions display elongated processes which align with axons: the dorsal spinal column (G), pyramidal tract (H), and
corpus callosum (I). Scale bar = 20um. Adapted from Dawson et al., 2003.



NG2 glial cells exhibit a small polygonal soma measuring 10-15 pm and a multipolar tree of fine
processes (Bergles et al., 2000; Chittajallu et al., 2004; Kukley et al., 2008; Kukley et al., 2010; Kukley
et al., 2007; Gallo et al., 2008). The morphology of OPCs slightly differs depending on their location in
the brain. In grey matter regions, OPCs have a centrally located soma that extends several long and
slender primary processes that bifurcate two or more times, creating a symmetrical process field
(Bergles et al., 2000; Chittajallu et al.). In white matter areas of the CNS, like the corpus callosum and
optic nerve, OPCs usually appear more polarized, extending processes along the axonal axis (Berry
et al., 2002; Bultt et al., 2004; Chittajallu et al., 2004; Kukley et al., 2007). OPCs in white matter have a
classic bipolar morphology of neural precursor cells, possessing only a few processes that are short in
length and emanating from the opposing poles of the cell body (Chittajallu et al., 2004). However,
other studies (Berry et al., 2002) demonstrate that the process fields of white matter OPCs can ramify
through the neuropil for distances up to 160-200 um. The reasons for these discrepancies remain
unknown, but may include different age of experimental animals and/or variations in cell-labelling
techniques.

OPCs, found in both grey and white matter, exhibit a fascinating morphological feature: small
varicosities, or nodules, are distributed throughout the length of their processes (Berry et al., 2002;
Butt et al., 2004; Jabs et al., 2005; Kukley et al., 2010). The functional significance of these structures
remains unknown. It was speculated that they might represent the initiation of branching of NG2 cell
processes (Chatterjee et al., 2008; Frohlich et al., 2011). However, recently it was suggested that the
nodules might be phagosomes (Buchanan et al., 2022). Alternatively, these nodules may serve as
contact points between OPCs and other cell types in the brain. Interestingly, in primary
oligodendrocyte cultures, NG2 and a PDZ (postsynaptic density-95/discs large/zona occludens-1)
domain protein syntenin-1 co-localize at the nodules in NG2 cell processes (Chatterjee et al., 2008).
PDZ domain-containing proteins are typically associated with plasma membrane proteins, and they
are commonly restricted to specific sub-cellular domains, such as synapses or cell—-cell contact points
(Sheng and Sala, 2001; Chatterjee et al., 2008). In neurons, syntenin binds to kainate receptor
subunits and all forms of AMPA receptor subunits, GluA1-4 (Hirbec et al., 2002; Hirbec et al., 2005).
Notably, OPCs also express different subunits of AMPA receptors (Chen et al., 2018; Kula et al.,
2019). Therefore, it is possible that by interacting with ionotropic glutamate receptors, syntenin plays a
role in determining the formation and maturation of neuron-glia synapses.

Based on observations using immunohistochemical labeling in hippocampal slices and labeling
individual astrocytes and OPCs with the fluorescent dye Lucifer Yellow during patch-clamp recordings,
it appears that OPCs in grey matter have a distinct morphology compared to other glial cell types in

the brain, such as astrocytes, microglia, and oligodendrocytes. Hippocampal astrocytes have large



soma and asymmetrically radiating processes that consist of several primary thick processes, from
which emanate multiple smaller collateral branching secondary processes, giving them a bushy,
spongiform appearance (Nishiyama et al., 2005). In contrast, OPCs have smaller soma and numerous
irregular fine processes, but their smallest processes are not as thin as those of astrocytes, and thus
OPCs clearly lack a sponge-like appearance (Nishiyama et al., 2005). Additionally, astrocyte
processes often end in bulbous swellings, or terminal end-feet, which form the vascular and pial glia
limitans. In contrast, NG2-glial processes taper to an end and do not appear to contribute to the glia
limitants (Nishiyama et al., 2005). It is currently unclear whether these morphological differences hold
true for OPCs and fibrous astrocytes in white matter. OPCs and astrocytes also differ in terms of
molecular markers, as OPCs do not express glial fibrillary acidic protein (GFAP) or the glial
glutamate—aspartate transporter, which are expressed by astrocytes, while astrocytes do not express
NG2, PDGF-Ra, and O4 (Levison et al., 1999; Zhou et al., 2006; Frohlich et al., 2011; Kukley et al.,
2010).

Differences have been observed in the number, length, appearance, and size of cell soma
between OPCs and more mature cells of the oligodendrocyte lineage. Mature oligodendrocytes bear
myelin sheaths, whereas OPCs do not (Trapp et al., 1997; De Biase et al., 2010; Kukley et al., 2010).
OPCs lack the molecular markers associated with more mature cells of the oligodendroglial lineage,
such as proteolipid protein (PLP), myelin basic protein, 2,3-cyclic nucleotide 3-phosphodiesterase,
galactocerebroside O1, and tetraspanin CD9 (Polito et al., 2005; Nishiyama et al., 2009; Kukley et al.,
2010). However, some premyelinating oligodendrocytes may still carry residual amounts of NG2
proteoglycan, indicating that they are the descendants of OPCs.

OPCs likely share some morphological similarities with ramified microglial cells, but no direct
comparison of their morphological properties has been performed under identical experimental
conditions. Insights into the morphological structure of ramified microglia come from reconstructions of
Lucifer Yellow-filled cells in brain slices of adult mice (Boucsein et al., 2003) and in vivo 2-photon
imaging of microglial cells in adult EGFP-CX3CR1 transgenic mice (Davalos et al., 2005; Nimmerjahn
et al., 2005). Similar to OPCs, microglial cells have small cell soma from which numerous thin and
highly ramified processes extend symmetrically (Boucsein et al., 2003; Davalos et al., 2005;
Nimmerjahn et al., 2005). In contrast to OPCs, microglia cell processes lack small nodules but display
highly motile filopodia-like protrusions of variable shape, typically forming bulbous endings under
normal conditions and/or during injury (Davalos et al., 2005; Nimmerjahn et al., 2005). Double-
labelling immunohistochemical studies have established that OPCs are clearly distinct from resting or

activated microglia: OPCs are negatively stained with the markers of microglial cells, such as 4H1,



CD68, F4/80, or OX42 (Nishiyama et al., 1997; Nishiyama et al., 2002; Horner et al., 2002; Kukley et
al., 2010).

1.3 Passive membrane properties of OPCs

NG2+ cells in acute brain slices obtained from juvenile animals typically have a capacitance of 15-
30 pF, membrane resistance of 100-500 MQ, and a steady resting membrane potential (RMP, V,)
between —-80 and -100 mV (Clarke et al., 2012; De Biase et al., 2010; Haberlandt et al., 2011; Kukley
et al., 2008; Lin and Bergles, 2002; Maldonado et al., 2013). These findings suggest that K* channels
contribute significantly to the resting membrane conductance as the V. is near the calculated
equilibrium potential for K* (EK). The main K* channels open at rest are Kir4.1 and two-pore (K2P) K*
channels, which are inward-rectifying (Clarke et al., 2012).

Kir4.1, an inward-rectifying channel, is expressed in NG2+ cells, oligodendrocytes, and astrocytes
and has been implicated in setting the V. (Butt and Kalsi, 2006; Chever et al., 2010; Djukic et al., 2007;
Kofuji et al., 2000; Neusch et al., 2006, 2001). The RNA-Seq transcriptome database shows that
NG2+ cells express high levels of Kir4.1 (Kcnj10) mRNA, more than any other K* channel subunit.
However, the expression level of Kir4.1 in NG2+ cells is only about half that observed in astrocytes
(Zhang et al., 2014). This finding is consistent with data from Kir4.1-EGFP BAC-transgenic mice,
which showed that EGFP intensity, reflecting promoter activity, was about three times higher in GFAP+
astrocytes than in NG2+ cells (Tang et al., 2009).

Kir4.1 subunits can combine with Kir5.1 (Kcnj16) subunits to form heteromeric channels, resulting
in channels with increased single-channel conductance and greater pH sensitivity (Butt and Kalsi,
2006; Hibino et al., 2004). mRNA for Kir5.1 is found at approximately two-fold higher levels in NG2+
cells than in astrocytes, suggesting that heteromeric channels may have a relatively greater role in
NG2+ cells (Zhang et al., 2014).

When the membrane potential of NG2+ cells is hyperpolarized from the V,, inward currents are
observed in whole cell recordings mediated by Kir4.1 (Djukic et al., 2007). These inward currents are
specifically blocked by low concentrations of extracellular Ba?*, which is an inhibitor of Kir channels. In
addition, “complex glia” of Kir4.1 glia-specific conditional knockout (cKO) animals showed that these
inward currents are abolished. Furthermore, “complex glia” in Kir4.1 cKO animals appear to be greatly
reduced in number in the hippocampus and are significantly depolarized to ~ =40 mV with increased
membrane resistance (~500 MQ). These observations suggest that Kir4.1 plays an important role in
the development, survival, or differentiation of NG2+ cells, as well as in the severe disruption of myelin
in Kir4.1 knockout animals (Djukic et al., 2007; Neusch et al., 2001).
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There is a possibility that NG2+ cells express additional K* ‘leak’ channels that are not sensitive to
Cs*. Two-pore domain (K2P) K* channels fit this pharmacological profile (Feliciangeli et al., 2014), and

some studies have characterized the expression of K2P channels by passive astrocytes (Seifert et al.,
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(A) The morphologies of representative cells from the OL lineage and their responses to depolarizing current injection. (B)
Plots of membrane capacitance versus resting membrane potential for cells with different levels of NG2 promoter-driven
DsRed fluorescence. Outlines represent 3 clusters of cells (OPC, pre-OL, OL) classified based on the brightness of their
NG2-DsRed and membrane properties. (C) The same as (B) but colored according to the amplitude of the NaV currents.
Adapted from DeBiase et al., 2010.

2009; Zhou et al., 2009). Several K2P isoforms, including TWIK1 (Kcnk1), TREK1 (Kcnk2), and
Kenk10, are highly expressed in NG2+ cells according to the RNA-Seq transcriptome database
(Zhang et al., 2014), but a recent study showed no changes in NG2+ cell current properties in a
TWIK1 knockout mouse, nor was there any effect observed when isoflurane, an activator of TREK1,
was applied (Maldonado et al., 2013). One possible explanation for this discrepancy between mRNA
expression data and physiological data is that channels may not be heavily trafficked to the cell

membrane, despite high levels of transcription and/or translation. This has been observed for TWIK1
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in passive astrocytes, where the channel is mainly sequestered in the intracellular compartment
(Feliciangeli et al., 2010; Wang et al., 2013).

In addition to their K™ ‘leak’ channels, NG2+ cells express the Na* leak channel Nalcn at a level
comparable to neurons and higher than mature oligodendrocytes, as shown in the RNA-Seq
transcriptome database (Zhang et al., 2014). This slight baseline Na* permeability, along with other
neuronal properties, is displayed by NG2+ cells, but the K* leak conductance dominates due to their
hyperpolarized resting membrane potential (V,, RMP) (Zhang et al., 2014).

NG2+ cell membrane properties change during postnatal development, transitioning from outward
rectification to an increasingly linear phenotype due to an increase in Kir4.1 expression (De Biase et
al., 2010; Maldonado et al., 2013). This findings are in agreement with earlier studies of the changing
electrophysiological properties of complex glia in the hippocampus over time (Kressin et al., 1995;
Zhou et al., 2006), as well as studies showing the broad upregulation of Kir4.1 in the CNS during
postnatal development (Gupta and Kanungo, 2013; Kalsi et al., 2004; Nwaobi et al., 2014; Seifert et
al., 2009). It is essential to consider the variability in channel expression when interpreting the RNA-
Seq transcriptome database, which only captures NG2+ cells at one time in development (P17)
(Zhang et al., 2014).

NG2+ cells exhibit regional variability in their passive membrane properties, as demonstrated by a
comparison of cortical and callosal NG2+ cells. White matter NG2+ cells have smaller capacitances,
higher membrane resistances, and a less negative V; than cells in gray matter, along with much
smaller Cs™-sensitive Kir currents (Chittajallu et al., 2004; De Biase et al., 2010). However, with age
NG2+ cells dramatically increase their membrane conductance making these differences less distinct
(De Biase et al., 2010).

1.4 Voltage-gated K+ channels

NG2+ cells exhibit a non-linear current profile characteristic of A-type (KA) and delayed-rectifier
(KDR) K* channels upon depolarization (Barres et al., 1990; Berger et al., 1991; Borges et al., 1995;
Kettenmann et al., 1991; Sontheimer et al., 1989; Williamson et al., 1997). The rapid activation and
inactivation kinetics of A-type channels contribute to the initial peak depolarization, while delayed-
rectifiers activate more slowly and do not inactivate, producing the sustained steady-state current. The
relative proportion of these two current components varies by region, with white matter NG2+ cells
displaying higher IKDR current densities compared to cortical NG2+ cells, resulting in a higher
IKDR/IKA ratio (Chittajallu et al., 2004).

Despite extensive research, the precise molecular identity of the channels underlying these

currents remains unclear. The majority of studies have focused on the Shaker family of K* channels,
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Kv1.1-1.6, with expression of Kv1.2, Kv1.4, Kv1.5, and Kv1.6 mRNA and protein detected in cultured
NG2+ cells, and Kv1.5 being the most highly expressed (Attali et al., 1997). A separate study using
single-cell RT-PCR found that individual cultured progenitors express varying combinations of all six
Shaker-type channels, with Kv1.2, Kv1.5, and Kv1.6 being the most commonly expressed. However,
only Kv1.4, Kv1.5, and Kv1.6 were detected at the protein level using immunocytochemistry (Schmidt
et al., 1999). Lastly, another study utilizing immunocytochemistry found expression of Kv1.3 through
Kv1.6 protein in cultured progenitors (Chittajallu et al., 2002).

Multiple studies consistently demonstrate that specific inhibition or knockdown of individual
channel subunits (excluding Kv1.5 knockdown [Attali et al., 1997] and a partial effect of a toxin specific
to Kv1.3 [Chittajallu et al., 2002]) has only minor effects on the current properties of cultured NG2+
cells. These findings, coupled with the heterogeneity of expression observed at the mRNA and protein
levels, suggest that NG2+ cells express various heteromeric K* channels that can compensate for
missing subunits to maintain the overall current profile (Attali et al., 1997; Chittajallu et al., 2002;
Schmidt et al., 1999). Another significant trend is that mMRNA and protein levels of Kv channel subunits
seem to be regulated independently, which leads to variations between mRNA and protein expression,
even within the same study. As a result, using mRNA levels to draw conclusions about the abundance
of membrane K* channels necessitates exercising caution (Attali et al., 1997; Chittajallu et al., 2002;
Schmidt et al., 1999).

Despite this caution, the RNA-Seq transcriptome database is the most thorough analysis of K*
channel expression in NG2+ cells to date. In agreement with previous studies, the mRNA for the
delayed rectifier Kv1.6 is highly expressed, whereas the mRNA for other previously identified Shaker
type delayed rectifiers is expressed at lower levels. Kv1.2 and Kv1.3 are expressed at low but
significant levels, while Kv1.5 is expressed at very low levels (0.8 FPKM). Furthermore, mRNA for
several non-Shaker type delayed rectifier channels, Kv7.2 and Kv2.1, are expressed at high levels.
Kv7.2 has previously been identified by RT-PCR and immunohistochemistry in at least a subset of
cortical NG2+ cells. Kv2.1, abundant in numerous types of neurons, has not been discovered in NG2+
cells thus far (Du et al., 1998; Trimmer, 1991).

In the RNA-Seq transcriptome database, Kv1.4, the sole A-type Shaker channel, is expressed at
low levels in NG2+ cells (0.7 FPKM). Kv4.2, Kv4.3, and Kv3.3 are highly expressed A-type channel
subunits in neurons and high expression levels are maintained in OPCs. Kvp2, KvB3, and KvB1 are
the most highly expressed Kv beta subunits in NG2+ cells. KCa1.1, the large conductance Ca?-
activated [BK] channel, along with its B4 subunit, is highly expressed in NG2+ cells, confirming
previous findings (Buttigieg et al., 2011) and KCa2.1 and KCa2.2, the SK channel subunits, are also

expressed at low but significant levels.
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Voltage-gated K* channel expression is important for regulating NG2+ cell behavior, with Kv1.3
being upregulated during the G1 phase of the cell cycle. Blocking this channel with specific toxins
prevents the cells from entering the G1/S transition, while overexpression of Kv1.3 or Kv1.4 promotes
proliferation of cultured NG2+ cells without mitogens, and overexpression of Kv1.6 inhibits proliferation
with mitogens. However, knockdown and overexpression of Kv1.5 have not produced any effects on
NG2+ cell proliferation. Differentiation of cultured NG2+ cells into oligodendrocytes is not significantly
affected by overexpression of Kv channel subunits, suggesting that proliferation and differentiation of

these cells can be regulated independently.

1.5 Voltage-gated Na* channels

NG2+ cells, like neurons, express tetrodotoxin (TTX)-sensitive voltage-gated Na* (Nav) channels
(Barres et al., 1990; Berger et al., 1992a; Bergles et al., 2000; Borges et al., 1995; Maldonado et al.,
2011; Sontheimer et al., 1989; Williamson et al., 1997), but their expression density varies by region in
the brain (Chittajallu et al., 2004) and decreases as NG2+ cells differentiate into oligodendrocytes (De
Biase et al.,, 2010; Sontheimer et al., 1989). Together with Kv channels, the expression of Nav
channels provides NG2+ cells with the necessary equipment to (potentially) generate action
potentials. Early postnatal animals display NG2+ cells that generate Na* spikes when depolarizing
current is injected, but these spikes have a high threshold for initiation, have less typical shape and
slower kinetics compared to neuronal action potentials (Chittajallu et al., 2004; De Biase et al., 2010;
Karadottir et al., 2008; Tong et al., 2009). NG2+ cells have a limited ability to sustain repetitive spiking
in response to tonic depolarizing current injection, with most cells exhibiting a single spike (Chittajallu
et al., 2004; De Biase et al., 2010), although some studies have reported otherwise (Karadéttir et al.,
2008). Nonetheless, the physiological significance of this phenomenon is unclear, since synaptic
inputs produce minimal depolarization of NG2+ cells and spontaneous spiking has not been observed
(De Biase et al., 2010). As the Kv/Nav ratio increases in adult animals due to an increase in K*
channel density, NG2+ cells lose the ability to generate spikes (De Biase et al., 2010; Maldonado et
al., 2011). The specific subunits of Nav channels responsible for the excitability of NG2+ cells have not
been extensively studied. One research study investigated the TTX-sensitivity of Na* currents in
hippocampal NG2+ cells and concluded that the IC50 of TTX (39.3 nM) was compatible with the
expression of multiple subunit types, rather than any individual subunit (Xie et al., 2007). The
expression of mMRNA for Nav1.3, Nav1.2, Nav1.8, and Nav1.1, as well as beta subunits Navf1, Nav3,
and NavB2, was observed in the RNA-Seq database. Therefore, it is probable that a combination of
Nav channel subunits with distinct properties contributes to the voltage-dependent Na* currents in
NG2+ cells.
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1.6 Voltage-gated Ca?* channels

Numerous studies have demonstrated that Ca?" signaling plays a critical role in regulating
behavior of NG2+ cells and oligodendrocytes, including proliferation, migration, process extension,
differentiation, and myelination (Cheli et al., 2015; Paez et al., 2009; Simpson and Armstrong, 1999;
Soliven, 2001; Yoo et al., 1999). A number of mechanisms can cause Ca? elevation in NG2+ cells,
such as direct influx through plasma membrane voltage- or ligand-gated channels and release from
internal Ca*" stores. The existence of voltage-gated Ca®* channels in NG2+ cells is especially
intriguing, as it could establish a direct link between depolarization from synaptic activity and Ca?-
triggered alterations in cell behavior.

Inward currents mediated by voltage-dependent, divalent cation-selective channels, which
suggest the presence of Ca? channels, were observed in "complex astrocytes” using
electrophysiological recordings in a high-Ba?*, low-Na* bath solution (Akopian et al., 1996; Berger et
al., 1992a). Subsequent studies verified that these currents existed in NG2+ cells and were sensitive
to L-type and T-type Ca?* channel inhibitors (Fulton et al., 2010; Haberlandt et al., 2011). Despite this,
the overall current density was small.

The molecular identity of the subunits that form voltage-gated Ca?" channels in NG2+ cells was
analyzed in situ using single-cell RT-PCR (Haberlandt et al., 2011). mRNA for L-type (Cav1.2 and
Cav1.3), T-type (Cav3.1 and Cav3.2), P/Q-type (Cav2.1), and N-type (Cav2.2) a1 subunits were
found, consistent with pharmacological findings. The RNA-Seq transcriptome database supports these
findings, revealing a nearly identical list of highly expressed a1 subunits as well as various B, y, and
a2d subunits. The only discrepancy between the two datasets is Cav2.3, an R-type subunit that was
not detected by single-cell RT-PCR (Haberlandt et al., 2011) but was discovered by RNA-Seq. Cav1.2
appears to be the main pore-forming subunit, as knockdown of Cav1.2 in NG2+ cells using siRNA

results in a reduction of around 75% of Ca®" elevation following depolarization (Cheli et al., 2015).

1.7 Voltage-gated CI" channels

NG2+ cells have been found to express voltage-gated CI~ channels, in addition to cation
channels. The RNA-Seq transcriptome database shows that Cic2 (Clcn2) is the only gene for plasma
membrane voltage-gated CI™ channels that is expressed in NG2+ cells. The Clc2 channel has a small
unitary conductance and inward-rectifying properties, and can be activated by various factors such as
hyperpolarization, cell swelling, increased intracellular CI~ concentration, or mild extracellular
acidification. Whole cell patch-clamp recordings from “complex” astrocytes in hippocampal and cortical

brain slices have demonstrated a hyperpolarization-activated anion current that is absent in Clc2-/-
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Gene Name Known as Expression Category Gene Name Known as Expression Category
level level
Kenj10 Kir4.1 82.6 Inward rectifier Nalcn Nacln 19.3 Sodium leak channel
Kcnmb4 KCap4 455 BK (B subunit) Scn1b Navf1 14.5 Voltage-gated (B subunit)
Kend2 Kv4.2 27 A-type Scn3b Navf3 129 Voltage-gated (B subunit)
Kcna6 Kv1.6 241 Delayed rectifier Scn3a Nav1.3 114 Voltage-gated (TTX sensitive)
K2P1.1/
Kenk1 TWIKI 24 Inward rectifier (two pore) Scn2at Nav1.2 7.6 Voltage-gated (TTX sensitive)
Kend3 Kv4.3 223 A-type Scn8a Nav1.8 5 Voltage-gated (TTX resistant)
K2P2.1/
Kenk2 TREK 19.6 Inward rectifier (two pore) Scn1a Nav1.1 4.9 Voltage-gated (TTX sensitive)
Keng2 Kv7.2 10.9 Delayed rectifier Scn2b Navf2 4.8 Voltage-gated (B subunit)
Kene3 Kv3.3 8.9 A-type Cacng4 TARPy4 275.8 y subunit*
Kcnab2 KvB2 8.8 Kv (B subunit) Cacng7 TARPy7 103 y subunit*
Kenk10 K2P10.1 7.9 Inward rectifier (two pore) Cacnb3 CavB3 25.7 B subunit
Kcnj16 Kir5.1 7 Inward rectifier Cacng8 TARPY8 12 y subunit*
Kenb1 Kv2.1 6.8 Delayed rectifier Cacng5 TARPY5 1.7 y subunit*
Large conductance calcium- i
Kenmat KCa1.1 6.3 Cacnb4 Cavp4 8.4 B subunit
activated (BK)
Kv11.1/
Kcnh2 55 Inward rectifier Cacna2d3  Cava2d3 8 a2d subunit
HERG
Small conductance calcium-
Kennt KCa2.1 4.9 . Cacnatd Cav1.3 7.8 al subunit, L-type
activated (SK)
Kcna2 Kv1.2 4.8 Delayed rectifier Cacnatg Cav3.1 7.7 al subunit, T-type
Kcnab3 KvB3 4.6 Kv (B subunit) Cacnb1 CavB1 7.2 B subunit
Kcne4 MiRP3 4.5 Kv (B subunit) Cacna2d1  Cava2d1 7 a25 subunit
Kcnab1 KvB1 45 Kv (B subunit) Cacnafc Cav1.2 6.5 atl subunit, L-type
Kenet Kv3.1 41 Delayed rectifier Cacnata Cav2.1 6.5 at subunit, P/Q-type
Slow activating/inactivating
Kcnh8 Kv12.1 4.1 Cacnafte Cav2.3 6 a1 subunit, R-type
voltage-gated channel
Small conductance calcium-
Kenn2 KCa2.2 3.7 Cacnath Cav3.2 41 at subunit, T-type
activated (SK)
Kcna3 Kv1.3 3.6 Delayed rectifier Cacna2d2  Cava2d2 2.8 a2d subunit
Kenh3 Kv12.2 3.6 Voltage gated Cacnatb Cav2.2 22 a1l subunit, N-type
. . X Hyperpolarization-activated
Kenj3 Kir3.1 34 Inward rectifier Clen2 Clc2 9.2
Inward rectifying
HAC1,
Kcnat Kv1.1 34 Delayed rectifier Hen2 14.8 Mixed Na+/K+ current
BCNG2
Outward rectifier, non- HAC3,
Kenhs Kv10.2 3.1 Hcn3 3.7 Mixed Na+/K+ current
inactivating BCNG4
Kend1 Kv4.1 29 A-type Kenc4 Kv3.4 24 A-type
Keng3 Kv7.3 238 Delayed rectifier Kenf1 Kv5.1 23 Modifier of Kv2 channels

Table 1. Summary of the K', Na*, Ca* and CI channels found in OPCs and their expression levels in RNA-Seq

transcriptome database. Adapted from: Larson et al., 2016.
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mice, which supports the expression of this channel by NG2+ cells. While Clc2 expression has been
confirmed in GFAP+ astrocytes and CC1+ oligodendrocytes by immunohistochemistry and in situ
hybridization, it is unknown whether NG2+ cells specifically express this channel. Nevertheless,
Clc2-/- mice exhibit severe and progressive myelin vacuolation, indicating a crucial role in

oligodendrocyte function (Blanz et al., 2007).

1.8 Hyperpolarization-activated cyclic nucleotide-gated (HCN) channels

HCN channels are part of the voltage-gated K* channel superfamily and are permeable to both
Na* and K*. These channels are activated by hyperpolarization, leading to “anomalous rectification,”
and many are open at the resting membrane potential in both neurons and glia. There are four HCN
subunit isoforms, HCN1-4, and both homomeric and heteromeric channels can be formed in vivo.
NG2+ cells display evidence of anomalous rectification that is consistent with HCN channel
expression. Two HCN channel subunits are significantly expressed in NG2+ cells: HCN2 mRNA was
present at higher levels than HCN3.

Early studies found HCN2 expression in a scattered population of cells in white matter tracts,
suggesting its expression in glial cells in addition to neurons. Another study found that HCN2 antibody
staining colocalized extensively with GST-1, a marker of mature oligodendrocytes, although not with
NG2. However, the transcriptome database shows that HCN2 mRNA expression in myelinating
oligodendrocytes is four to five times higher than in NG2+ cells, and it is possible that the lower level
of expression in NG2+ cells may not be sufficient for antibody detection. Age differences between the
studies could contribute to the discrepancy, as HCN2 protein levels increase with age during postnatal

development in the hippocampus.

1.9 TRP channels

The transient receptor potential (TRP) family of cation channels is known for its wide range of
activation mechanisms, including ligand binding, G-protein coupled receptor (GPCR) activation, and
physical stimuli such as temperature or pressure, resulting in diversity within the family (Vennekens et
al., 2012). The family is composed of three subfamilies: the classic/canonical TRPs (TRPCs), the
vanilloid receptor-related TRPs (TRPVs), and the melastatin-related TRPs (TRPMs). In glial cells,
several TRP channels have been identified, including TRPC1 and TRPC3 in NG2+ cells and
oligodendrocytes, respectively, and TRPM3 in both cell types, all of which are nonselective cation
channels activated through various signaling cascades (Fusco et al., 2004; Paez et al., 2011; Weerth
et al., 2007; Hoffmann et al., 2010).
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TRPM7, a nonspecific cation-permeable channel that also contains a serine-threonine kinase
domain, is the most highly-expressed TRP channel subunit in NG2+ cells based on the RNA-Seq
transcriptome database. This channel has been widely studied in other cell types and is involved in
trace metal ion homeostasis, as well as proliferation, migration, differentiation, and cell death (Fleig
and Chubanov, 2014). However, its specific role in NG2+ cells remains unknown. TRPC1, TRPM3,
and TRPC2 are also expressed in NG2+ cells at lower levels in the transcriptome database, although

TRPC2 is a pseudogene in humans (Clapham et al., 2005).

1.10  Synaptic signaling and OPCs

All functions of the central nervous system rely on communication between neurons. The primary
mode of neuronal communication is synaptic transmission, with the majority of synapses being
chemical synapses. These synapses provide high-speed and precise targeting only to connected
cells, facilitated by complex structural and functional organization of pre- and postsynaptic elements.
Volume transmission, on the other hand, is a different type of intercellular communication that occurs
outside of synapses and involves the slow movement of released transmitters to target cells. This form
of communication can involve both neurons and glial cells, in contrast to synaptic transmission which

mainly involves neurons.
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Recent research has shown that synaptic junctions also exist between neurons and
oligodendrocyte precursor cells (OPCs), which are one type of glial cells. It is unclear whether these
junctions are true synapses with all properties of neuronal synapses or whether they are synaptic-like
structures. Additionally, it is uncertain whether neuron-OPC signaling is identical to neuronal synaptic
transmission or if it has different features, or if it is a form of volume transmission. It is also unclear
whether OPCs differentiate into oligodendrocytes (OLs) are involved in synaptic transmission or
volume transmission. Understanding whether the signaling between neurons and OPCs, or OLs, is
synaptic or non-synaptic is important for further understanding the complex communication within the

central nervous system. (Bergles et al., 2000; Kukley et al., 2007; Ziskin et al., 2007).

1.11  Structure and function of glutamatergic neuronal synapses

Glutamate is the most abundant excitatory neurotransmitter in the CNS, and glutamatergic
chemical synapses are composed of two primary components: the presynaptic membrane with one or
more active zones, and the postsynaptic membrane containing glutamate receptor complex, directly
opposing the presynaptic membrane across a synaptic cleft, a 20-40 nm gap. When an action
potential reaches the presynaptic bouton, the presynaptic membrane depolarizes, which in turn, opens
voltage-gated Ca*"-channels (VGCCs), allowing Ca?* to enter, triggering the release of glutamate-filled
vesicles into the synaptic cleft. Once released, glutamate binds to receptors on the postsynaptic cell,
leading to ion flow, change in membrane depolarization, and/or second-messenger signaling cascade.
The structural organization of glutamatergic synapses is complex, involving numerous proteins that
work together in the presynaptic site for vesicle fusion and recycling and in the postsynaptic density
(PSD) for synaptic input detection and transduction (Husi et al., 2000; Rosenmund et al., 2003).

1.12 Exocytosis and endocytosis of synaptic vesicles in presynaptic boutons

Exocytosis of synaptic vesicles is a highly regulated process (Sudhof, 2004). For exocytosis to
occur, a synaptic vesicle must first be targeted and docked to the active zone at the presynaptic
membrane. ATP-dependent processes prime the vesicle, which then becomes sensitive to Ca®*. Once
Ca?" ions enter through the voltage-gated calcium channels located at the active zone, they trigger the
fusion of readily releasable vesicles with the plasma membrane, leading to the release of the vesicle's
content into the synaptic cleft.

SNARE (soluble NSF-attachment protein receptor) proteins are responsible for the formation,
opening, and expansion of the fusion pore. The major SNARE proteins include the vesicular protein
synaptobrevin/VAMP and two proteins anchored to the plasma membrane: syntaxin and SNAP-25.

The SM (Sec1/Munc18-like) proteins interact with the SNARE proteins, resulting in the release of the
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necessary energy for vesicular fusion (Rizo and Sudhof, 2012). Interestingly, SNARE proteins are
insensitive to Ca? ions that are required for triggering exocytosis. Instead, the synaptotagmin family of
proteins serves as the primary Ca* sensors at synapses and interacts with SNAREs (Fernandez-
Chacon et al., 2001). Synaptotagmins, localized to synaptic vesicles, have a low affinity for Ca?
(Sudhof, 2002). As such, a substantial increase in presynaptic Ca?" is necessary for exocytosis.

The average intracellular concentration of free Ca?* in mammalian cells is close to ~100 nM, while
enzymatic reactions require ~1 pM Ca?. However, when an action potential invades the presynaptic
bouton and triggers the opening of VGCCs, the Ca*" concentration within a microdomain at the active
zone can reach 200-300 uM (Llinas et al., 1992). Despite this, Ca®* transients are short-lived, with a
half-width of ~500 ps, due to the rapid diffusion of Ca?* away from the entry site and/or its capture by
fast buffers, which terminates the rise in Ca®" concentration (Meinrenken et al., 2002). The short
duration of Ca? transient ensures that the major component of glutamate release, referred to as
"phasic release," is brief and can start 50 ps after Ca®" entry initiation.

Efficient refilling of synaptic vesicles in presynaptic terminals is necessary for synapses to reliably
release neurotransmitters, not only upon single action potentials, but also during repetitive neuronal
firing. One well-understood pathway for synaptic vesicle recycling is clathrin-mediated endocytosis,
which involves the lateral movement of the fused vesicle away from the active zone, acquisition of a
clathrin coat, invagination to form a bud, fission, and loss of the clathrin coat (Sudhof, 2004). The coat
of the bending vesicular membrane is generated by several adaptors and scaffold proteins, in addition
to clathrin (Kaksonen and Roux, 2018). Actin filaments, various regulatory components, and scission-
related proteins are involved in the scission of the endocytosed vesicle. The endocytosis machinery is
disassembled by proteins responsible for removing the clathrin coat (Kaksonen and Roux, 2018).
Although clathrin-mediated endocytosis is a relatively slow process, a number of faster mechanisms,
including compensatory endocytosis, activity-dependent bulk endocytosis, ultrafast endocytosis, and
kiss-and-run have also been proposed (Gan and Watanabe, 2018). After recapturing of vesicular
membrane, acidification occurs when protons are pumped into the vesicles by vacuolar-type H*-
ATPases (V-ATPases). This proton gradient is crucial, as it is subsequently used by vesicular
glutamate transporters (VGLUT1-3) to fill synaptic vesicles with glutamate. Any alterations in
acidification lead to “empty” synaptic vesicles and loss of glutamate release (Wang and Hiesinger,
2013).

1.13  Postsynaptic glutamate receptors
Glutamate is released from the presynaptic bouton and quickly travels through the synaptic cleft to

bind to glutamate receptors on the postsynaptic membrane. Two types of glutamate receptors exist at
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synapses, ionotropic (iGIuRs) and metabotropic (mGIuRs), which have different functions. iGIuRs are
ligand-gated ion channels that facilitate fast synaptic signaling. AMPARs and KARs are quicker than
NMDARs upon glutamate binding, producing transmembrane flux of K*, Na*, and Ca* ions and
depolarization of the postsynaptic neuron. An action potential may be generated if the depolarization is
strong enough. On the other hand, mGIuRs are G-protein-coupled receptors with seven
transmembrane helices. The mGIuRs include Group | (mGIuR1 and mGIuR5), Group Il (mGIuR2 and
mGIuR3), and Group Il (mGluR4, mGIuR6, mGIuR7, mGIuR8) receptors, which trigger intracellular
signaling cascades and can induce Ca* release from internal stores. mGluRs can also open G-
protein-coupled inwardly-rectifying K* channels and thus modulate the cell membrane potential. Unlike
iGluRs, mGIuRs generate longer effects that can last from hundreds of milliseconds to several
seconds or more. Moreover, mGIuRs are important in synaptic transmission modulation and plasticity.
(Niswender and Conn, 2010; Reiner and Levitz, 2018; Sherman, 2014).

The organization of synapses in the postsynaptic region is highly complex (Sheng and Kim, 2011).
Extensive proteomic analysis has shown that the PSD contains hundreds of proteins, including
glutamate receptors, kinases (such as calcium/calmodulin-dependent protein kinase Il [CaMKII]),
phosphatases (e.g., phosphatase 1, 2A, 5, calcineurin), adaptor and scaffolding proteins (such as
PSD-95 and SAP-102), regulatory proteins (such as transmembrane AMPAR-regulatory proteins
[TARPs]), adhesion molecules, cytoskeletal proteins (e.g., actin, tubulin, myosin), and various other
proteins (Baucum 2nd, 2017; Collins et al., 2006; Lisman et al., 2002). The glutamate receptors
interact with signal transduction proteins to form large multi-protein complexes that are crucial for
cellular signaling (Husi et al., 2000). Molecular interactions within these complexes drive both
structural and functional changes at synapses during synaptic transmission and plasticity. They
regulate the number and/or activity of dendritic NMDARs and AMPARSs, and AMPAR trafficking (Husi
et al., 2000; Lei et al., 2001; Lisman et al., 2002; Sattler et el., 2000; Zhou et al., 2001).

1.14  Interaction between pre- and postsynaptic elements at neuronal synapses

Direct interactions between molecules located at the pre- and postsynaptic sites and the geometry
of the synaptic cleft are crucial for synaptic signaling. Among the key proteins involved in this
interaction are cell adhesion molecules of the neurexins family that bind to various postsynaptic
partners, including neuroligins, LRRTM proteins, and SynCAM (Biederer et al, 2017). Additionally,
trans-synaptic bridges are formed between presynaptic ephrins and postsynaptic ephrin receptors
(e.g., EphB2), and between presynaptic RIM1 and postsynaptic PSD-95 proteins (Biederer et al.,
2017). Recent super-resolution imaging experiments suggest that RIMs and PSD-95 form opposing

nanoclusters, while AMPARs form “nanocolumns” that span the synaptic cleft (Tang et al., 2016).
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These trans-synaptic interactions have various functions, including regulating the spatial arrangement
between pre- and postsynaptic elements, promoting presynaptic maturation, and influencing stability
of the active zone (Biederer et al., 2017; Yamagata et al., 2018). However, the functional significance

of nano alignment between synaptic elements is still unknown.

1.15 Glutamatergic signaling mediated by volume transmission

The spatiotemporal features of volume transmission, which encompasses various types of non-
synaptic signaling, are influenced by several factors such as the source of released glutamate,
receptor types, and spatial relationship between the release site and receptors (Agnati et al., 2010;
Rusakov and Kullmann, 1998; Trueta and De-Miguel, 2012). Volume transmission involves neurons
and/or glial cells and can occur through three primary mechanisms: (a) fast vesicular exocytosis at
synapses, followed by spill-over to activate extrasynaptic receptors; (b) ectopic vesicular release close
to synapses, along axons far from synapses, from dendrites or cell soma; and (c) non-vesicular
release from neurons and/or glial cells involving glutamate/cystine antiporter, reversed electrogenic
glutamate transporters, purinergic P2X7 receptor pores, and other mechanisms (Massie et al., 2015;
Szatkowski et al., 1990; Duan et al., 2003). It is not yet clear whether there is a difference in the firing
patterns that determine whether synaptic or non-synaptic glutamate release is evoked, or if any
specifically located inputs induce non-synaptic release from different cellular compartments.

Kainate receptors, NMDARs, and mGIuRs are more likely to participate in volume transmission
than AMPARs. This is due to the low affinity of AMPARs for glutamate, which requires high
concentrations of glutamate for activation. Since millimolar concentrations of glutamate are only
present within the synaptic cleft following vesicular release, AMPARs are typically located in close
proximity to the active zone. However, they can also be found outside of the synapse where they are
necessary for efficient trafficking in and out of the synapse. In contrast, NMDARs, KARs, and mGIuRs
are often located extrasynaptically and mGIuRs can also be found on presynaptic terminals where
they regulate neurotransmitter release. Volume transmission differs from synaptic signaling with
regard to its spatiotemporal features. It is initiated more slowly and lasts longer due to the need for
neurotransmitters to diffuse over greater distances to reach their receptors, higher amounts of
released glutamate (albeit at lower concentrations) and lower uptake capacity. Volume transmission is
also less target-specific and can affect larger groups of cells. (Agnati et al., 2010; Rusakov and
Kullmann, 1998; Trueta and De-Miguel, 2012).

Various examples of volume transmission exist, including the activation of extrasynaptic NMDARs
or mGIuRs by synaptically released glutamate overflow in various brain regions (Papouin and Oliet,

2014; Scanziani et al., 1997), the release of glutamate from Purkinje cells in the cerebellum followed
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Figure 7. Glutamate release
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by the activation of mGIluRs and the subsequent release of endocannabinoids (Duguid et al., 2007),
glutamatergic signaling within sensory ganglia where glutamate released from primary sensory neuron
cell bodies activates glutamate receptors on both sensory neurons and satellite glial cells (Kung et al.,
2013), and so on. The complex functional role of volume transmission is reflected in its various forms.
For example, presynaptic extrasynaptic mGluRs modulate synaptic transmission (Scanziani et al.,
1997), activity-dependent somatodendritic release of glutamate in the cerebellum dynamically
regulates synaptic inhibition (Duguid et al., 2007), and glutamatergic transmission within sensory
ganglia may be involved in nociception (Kung et al., 2013). Notably, glutamate that spills out of
synapses or is ectopically released can also activate glutamate receptors and transporters on glial
cells. In the olfactory bulb, vesicular glutamate release along the axons triggers mGluR-mediated Ca?*
transients in olfactory ensheathing glia, leading to the constriction of local blood vessels (Rieger et al.,
2007; Thyssen et al., 2010). In the cerebellum, ectopically released glutamate triggers fast synaptic-
like currents in Bergmann glia via AMPARs, which may be critical for synaptic integration in the
cerebellum since deletion of AMPARSs in Bergmann glia leads to the retraction of glial processes from
Purkinje cell synapses and impaired fine motor coordination (Matsui and Jahr, 2003; Saab et al.,

2012). However, whether glial cells can release molecules and contribute to the modulation of
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neuronal signaling in all CNS regions remains controversial (Fiacco and McCarthy, 2018; Savtchouk
and Volterra, 2018).

1.16 Glutamatergic synapses between neurons and OPCs

In the hippocampus a significant discovery has been made regarding the activation of glutamate
receptors in OPCs in vivo, which involves the establishment of synaptic junctions between neurons
and OPCs (Bergles et al., 2000). This neuron-OPC synaptic signaling has been observed in many
regions of the brain, as well as in the human white matter (De Biase et al., 2010; Etxeberria et al.,
2010; Gallo et al., 2008; Karadottir et al., 2008; Kukley et al., 2007, 2008; Lin et al., 2005; Mangin et
al.,, 2012; Muller et al., 2009; Osterstock et al., 2018; Ziskin et al., 2007). The synaptic junctions
between neurons and OPCs exhibit features similar to those found in chemical synapses between
neurons. For instance, they display defined structures of pre- and postsynaptic elements, as well as
the synaptic cleft. Glutamate release from vesicles at the presynaptic active zone triggers the
activation of postsynaptic receptors clustered within the PSD. This process occurs rapidly, and the
signaling is terminated quickly, depending on the subtype of iGluRs. These synapses can be triggered
by action potentials and are capable of activity-dependent plasticity. Although neuron-OPC synapses
have not been thoroughly characterized yet, electron microscopy data reveals the accumulation of
synaptic vesicles at presynaptic sites and the presence of electron-dense material in the synaptic cleft,
among other features (Bergles et al., 2000; Kukley et al., 2007; Lin et al., 2005; Muller et al., 2009;
Sahel et al., 2015; Ziskin et al., 2007). However, the postsynaptic membrane specialization in OPCs
appears to be thinner than that of nearby neuronal synapses (Bergles et al., 2000; Harris and
Weinberg, 2012).

Research into the release of glutamate at neuron-OPC synapses indicates that, the same as at
neuronal synapses, release occurs from vesicles. Electron micrographs of neuronal boutons facing
the membrane of OPCs show clusters of vesicles (Bergles et al., 2000; Kukley et al., 2007; Lin et al.,
2005; Muller et al., 2009; Sahel et al., 2015; Ziskin et al., 2007). Miniature synaptic currents with fast
kinetics can be recorded in OPCs, and each represents the release of a single neurotransmitter-filled
vesicle (Del Castillo and Katz, 1954, Bergles et al., 2000; Karadottir et al., 2008; Kukley et al., 2007;
Kukley et al., 2010; Nagy et al., 2017; Ziskin et al., 2007). Detection of exocytosis and endocytosis of
synaptic vesicles in the corpus callosum using the styryl fluorescent dye FM1-43, which is commonly
used to study vesicular exo- and endocytosis at neuronal synapses, further supports this conclusion
(Kukley et al., 2007). The frequency of synaptic currents in OPCs can be stimulated by various

pharmacological agents that stimulate vesicular exocytosis at neuronal synapses, such as sucrose,
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ruthenium red, alpha-latrotoxin, or pardaxin (Bergles et al., 2000; De Biase et al., 2010; Etxeberria et
al., 2010; Kougioumtzidou et al., 2017; Wake et al., 2015; Ziskin et al., 2007).

Figure 8. Electron micrographs of
biocytin-DAB filled hippocampal
OPCs, showing contact points
between the OPCs and axons.

(A) Pre-synaptic vesicles, synaptic cleft
(marked by arrows), and postsynaptic
density at OPC-neuron synapse. OPC
stained by DAB reaction product and
appear dark in the micrograph. (B) and
C) are higher magnification
consecutive sections from boxed region
in (A). (D) An example of an asymmetric
synapse. (E) Docked pre-synaptic
vesicles (indicated by arrowheads). (F)
An example of a symetric synapse. The
postsynaptic OPC processes' diameter
vary between ~200 nm in (A),(D) or
more than 1 pm (F). The scale bars are
200 nm. Adapted from: Haberlandt et
al., 2011.

Although little is currently known about the properties of the release machinery at neuron-OPC
synapses, particularly the presynaptic proteins involved in priming, docking, fusion, filling, and
recycling of synaptic vesicles, some proteins involved in exocytosis of synaptic vesicles, such as
SNAP25, RaB3, synaptophysin, synaptotagmin-1, synaptobrevin, and syntaxin, were detected in the
optic nerve axons using immunohistochemistry (Kukley et al., 2007). Some of these proteins were in
close contact with OPC membranes, suggesting that they may be targeted to the release sites at
neuron-OPC synapses. VGLUT1 and VGLUT2, which are responsible for pumping glutamate into
synaptic vesicles in the pre-synaptic boutons, were also detected in white matter axons next to the
processes of OPCs (Etxeberria et al., 2010; Gautier et al., 2015; Sahel et al., 2015; Ziskin et al.,
2007).

Glutamate release at neuron-oligodendrocyte precursor cell (OPC) synapses is triggered by
action potentials, similar to neuronal synapses. It relies on fast Ca®" entry into the presynaptic boutons

and is
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Figure 9. Comparison between neuronal and neuron-OPC synapses.

A simplified drawing of (A) neuron-neuron synapse and (B) neuron-OPC synapse. No data is currently available regarding
the features of the presynaptic release machinery and endocytosis mechanisms at neuron-OPC synapses. The hypothetical
drawing of the presynaptic terminal in (B) is based solely on electrophysiological findings that describe the neuron-OPC
synapses. Only some proteins that interact with postsynaptic glutamate receptors are depicted for neuronal synapse in (A).
There is much less information available about the proteins interacting with AMPARs at neuron-OPC synapses compared to
neuronal synapses. Note the lack of NMDARs and KARs at an neuron-OPC synapse. Abbreviations: AP for action potential,
AZ for active zone, AMPAR for AMPA receptor, NMDAR for NMDA receptor, KAR for kainate receptor, mGIuR for
metabotropic glutamate receptor, SynGAP for Synaptic Ras GTPase-activating protein, SPAR for spine-associated RapGAP,
and VGCC for voltage-gated calcium channel. Adapted from: Kula et al., 2019.

blocked by tetrodotoxin (TTX), cadmium, and specific blockers of P/Q- and N-type Ca? channels, as
well as the Ca®* buffer ethylene glycol-bis(B-aminoethyl ether)-N,N,N',N'-tetraacetic acid (Kukley et al.,
2007; Nagy et al., 2017). The amount of Ca* required for glutamate release at neuron-OPC synapses
is dependent on ~2.4th power of Ca? concentration, which is comparable to values observed for
neuronal synapses (Mintz et al., 1995) and suggests that similar Ca*" sensors are involved in both
types of synapses.

Studies using electrophysiology to describe neuron-OPC synaptic signaling mediated by AMPARs

have shown that the time-course of this signaling is as fast as at neuronal synapses, indicated by the
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rapid rise-time (<1 ms) of spontaneous and evoked synaptic currents in OPCs (Bergles et al., 2000;
Kukley et al., 2007; Lin et al., 2005; Ziskin et al., 2007). The rise-time is determined by the time
required for glutamate to be released, cross the synaptic cleft, and bind to the postsynaptic receptors,
triggering the current in the postsynaptic cell. Similarly, the fact that neuron-OPC signaling is
terminated quickly is reflected in the fast decay time constant (1.2-1.8 ms) of AMPAR-mediated
synaptic currents in OPCs (Bergles et al., 2000; Kukley et al., 2007; Lin et al., 2005; Ziskin et al.,
2007).

The distance between the release site and the receptors is small, as postsynaptic AMPARSs in
OPCs face the presynaptic release sites, similar to neuronal synapses. However, the proteins that
compose the postsynaptic density (PSD) complexes and interact with AMPARs at neuron-OPC
synapses are largely unexplored. OPCs express mRNAs for PSD-95, glutamate receptor-interacting
protein 1 (GRIP1), and Homer1 (Marques et al., 2016; Zhang et al., 2014), which suggests that OPCs
may express these proteins and target them to the postsynaptic sites of synapses with neurons. Two
PDZ-containing proteins, GRIP1 (Stegmuller et al., 2003) and syntenin (Chatterjee et al., 2008), have
been found in OPCs. At neuronal synapses, PDZ-containing proteins act as scaffolds and assemble
other postsynaptic proteins, including glutamate receptors, into large complexes (Kim and Sheng,
2004). PDZ-containing proteins may play a similar role at neuron-OPC synapses.

NG2, a transmembrane proteoglycan strongly expressed by OPCs, possesses a PDZ-binding
motif QYWV and can interact with various PDZ-containing proteins such as GRIP, syntenin, and
MUPP1 (Barritt et al., 2000; Chatterjee et al., 2008; Stegmuller et al., 2003). GRIP is known to bind to
GluA2/3-subunit-containing AMPARSs, and it is postulated that the NG2-GRIP-GluA2/3 complex may
play a role in regulating the clustering of AMPARSs and thereby modulating synaptic signaling between
neurons and OPCs. However, despite this potential function, it was found that knockout of NG2 did not
affect the synaptic currents in hippocampal OPCs (Passlick et al., 2016). Thus, the functional
significance of the NG2-GRIP-GIuA2/3 complex at neuron-OPC synapses remains a topic of
investigation.

Syntenin, another PDZ-protein found in OPCs, is believed to play a role in regulating neuronal
communication by facilitating the proper localization of receptors at synapses (Beekman and Coffer,
2008). It is possible that syntenin may have a similar function at neuron-OPC synapses. MUPP1,
another PDZ-containing protein that interacts with NG2 proteoglycan in vitro, is known to regulate p38
MAP kinase activity and AMPAR trafficking at neuronal synapses (Krapivinsky et al., 2004). Moreover,
PSD-95 was recently identified as colocalizing with synapsin in processes of Zebrafish embryo OPCs
(Li et al., 2023).
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In addition to PDZ-containing proteins, OPCs also express several TARPs that play a crucial role
in the delivery and regulation of AMPARSs, which is also observed in neurons (Greger et al., 2017;
Zonouzi et al., 2011). Despite discrepancies in the transcriptome and immunohistochemical data
regarding the types of TARPs present in OPCs (Cahoy et al., 2008; Marques et al., 2016; Zhang et al.,
2014; Zonouzi et al., 2011), interaction with TARPs is critical for the proper functioning of AMPARSs in
OPCs.

>

MAGUK  OPC Figure 10. Synaptic markers at OPC
synapses in Zebrafish.

(A) IHC staining for MAGUK in a sagittal-
plane spinal cord at 3 days post
fertilization (3 dpf) in Tg(sox10:GFP-
caax) Zebrafish embryo. Arrows indicate
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gephyrin (blue) and synapsin (red) in a transverse plane, as in (C). In the center an OPC (green) with colocalizations of
gephyrin (magenta) in the magnified region. On the right: 3D reconstruction of the OPC with gephyrin colocalizations.
Adapted from: Li et al., 2023.

Neuron-OPC synapses are similar to neuronal synapses in many respects, such as undergoing
long-term potentiation (LTP) in the hippocampus (Ge et al., 2006). LTP is an activity-dependent
modification of synaptic strength and involves Ca?-permeable AMPARs in OPCs. This is different from
many neuronal synapses, where LTP induction is not accompanied by increased Ca?-permeability of

AMPARSs. Although there are likely to be differences between neuron-OPC synapses and neuronal
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synapses, the diversity of the latter and the limited knowledge of the presynaptic release machinery
and PSD complexes at neuron-OPC synapses makes it challenging to define specific distinctions

between the two types of synapses.

1.17 KARs in OPC

According to transcriptional analysis, all five subunits of Kainate receptors (KARs) are present in
OPCs (Cahoy et al., 2008; Larson et al., 2016; Marques et al., 2016; Zhang et al., 2014). KAR
proteins have also been detected in oligodendrocyte-type 2 astrocytes (O-2A cells), which are thought
to be OPCs (Patneau et al., 1994). Furthermore, functional KAR proteins have been identified in
hippocampal OPCs. This was demonstrated by recording an inward current in OPCs in brain slices
upon low concentrations of kainate application, while AMPAR and NMDAR antagonists were present
(Kukley and Dietrich, 2009).

However, it is unclear whether glutamate released from neurons activates KARs in OPCs. In
cerebellar OPCs, KARs do not contribute to synaptic current triggered by electrical stimulation of
axons, as this current is completely blocked by the specific AMPAR antagonist GYKI53655 (Lin et al.,
2005). This suggests that KARs in OPCs are extrasynaptic and may require spillover of glutamate
from the synaptic cleft to become activated during prolonged neuronal firing. Alternatively, KARs in
OPCs may be located away from the release sites of neuron-OPC synapses and could be activated

by ectopic release of glutamate from neurons or other cells.

1.18 NMDARs in OPCs

The explant culture of O-2A cells, OPCs cultures, and OPCs isolated from the brain were found to
express several NMDAR subunits, including the obligatory subunit GIuN1 (Li et al., 2013; Marques et
al., 2016; Wang et al., 1996; Zhang et al., 2014). Functional NMDAR proteins were detected in OPCs
through patch-clamp recordings in both culture and brain slices, suggesting that they may mediate
Ca®" elevations in these cells (De Biase et al., 2010; Karadottir et al., 2005; Wang et al., 1996; Ziskin
et al., 2007). However, NMDARs only allow minimal current flow near the resting membrane potential,
which is about -90 mV in OPCs, even with the application of saturating concentrations of agonists,
because Mg? blocks the channel pore and strongly reduces the current (De Biase et al., 2010; De
Biase et al., 2011; Karadottir et al., 2005; Ziskin et al., 2007). Therefore, under physiological conditions
in vivo, NMDARs in OPCs may only become activated when the cell is depolarized through other
means, such as by prior activation of AMPARs. While NMDARSs in cerebellar OPCs do not contribute
to synaptic currents elicited by axonal stimulation, even when Mg? block is removed at a holding

potential of +40 mV, suggesting that these receptors are located away from the release sites at
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neuron-OPC synapses. It is still unknown whether NMDARs in OPCs can be activated by glutamate
spillover from synapses during repetitive neuronal activity or by ectopic release of glutamate from

neurons or glial cells.
Figure 11. OPC NMDAR- and KAR-mediated currents
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1.19 mGlIuRs in OPCs

Several mGIuR subunits were detected in OPCs through transcriptional analysis (Larson et al.,
2016; Luyt et al, 2003; Marques et al., 2016; Zhang et al., 2014). Immunohistochemistry,
immunoblotting, and Ca*" imaging have been used to detect mGIuR proteins in OPCs, but the results
do not always align with transcriptional analysis. In the OPC CG-4 cell line, mGIuR5 and mGIuR3 are
expressed, where mGIuR5 activation induces Ca®" oscillations and mGIuR3 activation inhibits cCAMP
formation (Holtzclaw et al., 1995; Luyt et al., 2003; Luyt et al., 2006). In primary cultures of OPCs,
mGIuR1, mGIuR2/3, mGIuR4, and mGIuR5 proteins are expressed, but they all downregulate upon
OPC differentiation into OLs (Deng et al., 2004; Spampinato et al., 2014). Activation of

30



mGIuR1/mGIuR5 triggers Ca?* elevations in OPCs in hippocampal slices (Haberlandt et al., 2011),
which is in line with the fact that Group | mGIuRs promote production of IP3 via stimulation of
phospholipase-C and induce Ca* release from internal stores (Niswender and Conn, 2010). mGIuR-
mediated Ca®" signaling regulates surface expression of Ca® permeable AMPARs in OPCs and may
also promote their incorporation to the postsynaptic sites of neuron-OPC synapses (Zonouzi et al.,
2011). This suggests that mGIuRs regulate plasticity at neuron-OPC synapses.

To date, studies on mGIluRs in OPCs have utilized specific receptor agonists for activation, which
were administered for extended periods ranging from several seconds to over 10 minutes (Haberlandt
et al.,, 2011; Zonouzi et al., 2011, Spitzer et al., 2019). However, it remains unclear whether this
approach accurately reflects the in vivo situation. Additionally, no experiments have been conducted to
determine whether axonal stimulation can induce mGIuR-mediated Ca?* transients or ionic currents in
OPCs, nor is it known whether mGIluRs in OPCs are activated by synaptic or non-synaptic release of
glutamate from axons. Notably, in neurons, postsynaptic mGIuRs are typically located
extrasynaptically (Lujan et al., 1996; Niswender and Conn, 2010), and repetitive neuronal activity
resulting in a higher quantity of released glutamate is typically required to activate mGIuRs (Sherman,
2014), although this can vary between synapses (Viaene et al., 2013). As a result, various paradigms
of neuronal stimulation should be tested to determine how mGIuRs are activated in OPCs. Moreover,
identifying the subcellular localization of mGIuRs in OPCs using electron microscopy may provide

additional insights into the mechanisms of activation and functional roles of the receptors.

Figure 12. The first mGluR transcripts detected in CG-4 OPC.

(A) Receptor-specific primers were used to detect mRNAs of all mGIuR
receptor subtypes in CG-4 OPCs (OPC). mRNA prepared from rat
cerebral cortex (CTX) and cerebellum (CER) served as the positive

A

OoPC
CTX
CER
Qe
oPC
CTX
CER
Qe

v
[
=
%}

E

2 g
3 - 460 =
Q [}
E =

mGIuR2

controls. PCR reactions performed without template: (—) C were negative
control. Restriction enzyme digestion patterns were used to verify PCR

-571

mGIuR3
mGIluR4

products. The sizes of the PCR products are indicated on the right. (B)
Time course of Ca® transients elicited in CG-4 OPCs by bath applications
of mGIuR agonist DHPG. Adapted from Luyt et al., 2003.

mGIuR7
mGIuR8

Emission ratio 340nm380nm

B 125 100 uM DHPG
£ 115
108

s 31

088



1.20 Functional role of glutamate receptors and glutamatergic signaling between
neurons and OPCs

Glutamate is a crucial neurotransmitter that is released during neuronal activity. It has been
suggested that glutamate receptors may be responsible for mediating the effects of neuronal activity
on OPCs in vivo. Several studies have provided evidence that glutamate receptors play a role in the
physiology of OPCs both in vitro and in vivo. However, the relationship between neuronal activity and
OPC behavior is not yet fully understood. It is currently unclear whether the observed effects of
neuronal activity on OPCs are indeed mediated by iGluRs and mGluRs, and which downstream

mechanisms are involved in glutamate receptor activation.

1.21  Functional role of AMPARs in OPCs

OPCs' proliferation and differentiation are influenced by AMPARs. Glutamate, AMPA, or kainate added
to cell and tissue cultures reduces the number of proliferating OPCs and/or halts their lineage
progression (Gallo et al., 1996; Liu and Almazan, 1995; Yuan et al., 1998). The effects can be
reversed or even trigger opposite effects by adding antagonists of AMPARs/KARSs, alone or together
with agonists (Fannon et al., 2015; Gallo et al., 1996; Liu and Almazan, 1995; Yuan et al., 1998).
Hence, it can be postulated that activating AMPARSs inhibits OPCs' proliferation and differentiation.
However, it's surprising that dividing OPCs receive AMPAR-mediated glutamatergic synaptic input
from neurons (Ge et al., 2009; Kukley et al., 2008). The discrepancy between these observations may
be due to the mechanism of agonist effects on AMPARs in OPCs. When synaptic glutamate is
released, AMPARs in OPCs are exposed to agonists briefly (a few milliseconds at most), while in vitro
exposure is sustained (several hours), leading to AMPAR desensitization (Robert and Howe, 2003).
Furthermore, prolonged exposure of OPCs and Oli-neu cells to AMPAR agonists leads to
downregulation of AMPAR subunits, especially those that make AMPARs Ca?-permeable (Begum et
al., 2018; Hossain et al., 2014; Jourdi et al., 2005; Mangiavacchi and Wolf, 2004). Therefore, the
observed decrease in OPCs' proliferation and lineage progression upon prolonged exposure to
AMPAR agonists in vitro may be due to reduced Ca?" entry, which is crucial for proliferation and
differentiation regulation (Hamilton, Hubbard, and Butt, 2009; Toth, Shum, and Prakriya, 2016; Yang et
al., 2013). Interestingly, reducing the influx of Ca?" into OPCs is feasible even if AMPARSs that are Ca?*-
impermeable are downregulated because it prevents the opening of L-type VGCCs that are triggered
by AMPAR-mediated depolarization (Sun et al., 2016). The precise functional role of AMPARSs in OPCs
in vivo is not well-established. However, some studies have demonstrated that boosting the Ca?
permeability of AMPARs by targeting the GIuA2 subunit in newly-generated OPCs at the height of

myelination results in increased proliferation and reduced differentiation of OPCs (Chen et al., 2018).
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On the other hand, lineage-specific deletion of GIUA2 or both GIuA2 and GluA4 on a germline GIuA3
null background that eliminates AMPAR-mediated synaptic input to OPCs during development did not
affect OPC proliferation or number but resulted in a 25-30% reduction in the number of mature OLs
and myelin sheaths that were formed in subcortical white matter due to enhanced apoptosis of newly
differentiating OLs (Kougioumtzidou et al., 2017). The downstream molecular pathways involved in
these findings are yet to be determined, but the GIuA2 subunit is of particular interest as its expression
in OPCs varies depending on the animal's age and brain region, and even within the same brain
region (Bergles et al., 2000; Chen et al., 2018; Ge et al., 2006; Kukley et al., 2007; Ziskin et al., 2007).
Furthermore, the expression of the GluA2 subunit in OPCs is regulated by mGluRs and ATP (Zonouzi

et al., 2011), implying that this subunit is modulated in an activity-dependent manner.
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Figure 13. Synaptic currents are abolished during OPC lineage progression.

(A) Lucifer Yellow filled OL lineage cells (left), co-labeled with lineage markers (right): NG2 as a marker of OPCs, DM20/PLP
marking pre-OLs and mature OLs. Mature OLs are recognized by developed myelin sheaths. (B) Ruthenium Red bath
application induces mEPSCs in OPCs, rare events are visible in pre-OL and are not found in mature OLs. Scale bars: 0.2 s,
2 pA. In the insets: Expended traces showing mEPSC waveforms. Inset scale bars: 20 ms, 5 pA. The asterisks mark the
same events. (C) Summary graphs comparing the mean frequencies of mEPSCs (left) and summary graph comparing the
mean amplitude of MEPSCs recorded from OL lineage cells. Adapted from Kukley et al., 2010.
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AMPARSs not only modulate the proliferation and differentiation of OPCs but also play a crucial role
in regulating their migration and cytoarchitecture. In the presence of AMPA and cyclothiazide, which
prevent desensitization of AMPARs, av integrin-dependent migration of OPCs with simple bipolar
morphology is significantly increased in purified OPC cultures and organotypic cerebellar slices (Gudz
et al., 2006; Harlow et al., 2015). Several mechanisms may underlie this effect, including the formation
of a complex between AMPAR subunits, av integrin, and proteolipid protein, AMPAR-mediated
stimulation of phospholipase C, and internalization of the GluA2 subunit with a subsequent increase in
Ca2+ permeability of AMPARs and the frequency of Ca* transients in OPCs (Gudz et al., 2006;
Harlow et al., 2015). However, the relationship between Ca?* level and migration is not fully
understood, as some studies suggest that Ca?" stimulates motility while others propose that Ca®
arrests cell movement and triggers maturation (Toth et al., 2016).

Moreover, AMPARs also affect the structural appearance of OPCs with complex morphology.
Blocking AMPARSs with specific antagonists in cerebellar slice culture leads to a significant reduction in
the total length of OPC processes and affects the number of branching points (Fannon et al., 2015).
Therefore, it is likely that the morphological complexity of OPCs in vivo is supported by glutamatergic
signaling involving AMPARs, as has been proposed for other cells, such as retinal microglia
(Fontainhas et al., 2011).

1.22  Functional role of KARs

Functional role of KARs is unknown.

1.23  Functional role of NMDARs

The role of NMDARSs in regulating OPC functionality is not well established. While some studies
have found no involvement of NMDARs in OPC regulation (Fannon et al., 2015; Yuan et al., 1998),
others suggest that NMDARs influence OPC behavior. For example, blocking NMDARs prevents O-2A
cell migration (Wang et al., 1996), while NMDA application promotes migration of rat cortical OPCs, an
effect dependent on GIuN1 and GIuN2A subunits (Xiao et al., 2013). Activation of NMDARs may
promote an immature phenotype in OPCs due to their role in promoting migration, which is a
characteristic of developing cells. However, NMDARs also play a role in promoting OPC maturation in
vitro by increasing myelin basic protein expression, enhancing OPC process branching complexity,
and stimulating differentiation (Li et al., 2013). Blockage of NMDARSs in cerebellar slices reduces OPC
differentiation (Fannon et al., 2015). Downstream of NMDARs, the mTOR pathway may play a role in
promoting OPC differentiation (Li et al., 2013).
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In vivo studies indicate that inducible ablation of the obligatory GIuN1 subunit of NMDARS in
OPCs does not affect OPC proliferation, density, or differentiation, nor does it affect myelination in the
gray or white matter of the brain (De Biase et al., 2011; Guo et al., 2012). In an animal model of
multiple sclerosis, deletion of the GIuN1 or GIuN3 subunit of NMDARSs also does not affect disease
severity (Guo et al., 2012). Interestingly, functional deficiency of NMDARSs leads to an increase in the
Ca* permeability of AMPARs in OPCs by changing the subunit composition of AMPARs (De Biase et
al., 2011). This suggests that a dynamic interplay exists between NMDARs and AMPARs to ensure
Ca?" entry in response to neuronal activity or other mechanisms activating iGluRs in OPCs.
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Figure 14. Summary of the role of glutamatergic receptors in OPC development and myelination.

Gain and loss of function experiments in connection to changes in OPC proliferation, differentiation, migration, survival, and
myelination. Loss of function experiments have been performed on several subunits of the AMPA and NMDA receptors. Gain
of function experiments are limited to AMPA, AMPA GIluR2, NMDA. If the process was not tested, it is not included for that
receptor, while no change is noted if the process was tested but no differences were found. In cases where conflicting results

were obtained, both outcomes are listed for that particular receptor. Adapted from: Moura et al., 2022.

1.24  Functional role of mGluRs

Currently, only a few functions of mGIuRs in OPCs are understood. One known function is that the
activation of mGIuR4 with a specific agonist promotes differentiation of OPC in vitro (Spampinato et
al., 2014). Additionally, mGIluRs may play a role in the regulation of molecules released by OPCs.

Specifically, it was reported that mGluR-induced release of BDNF occurred in cultured cortical
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oligodendrocyte lineage cells (Bagayogo and Dreyfus, 2009), although it is unclear whether these
cells were OPCs or OLs. Interestingly, a complex interplay between mGIuRs and iGIuRs occurs in
OPCs. For example, in the CG4 OPC cell line, activation of mGIuR5 increases Ca®* permeability and
single channel conductance of AMPARs (Zonouzi et al., 2011). Similar changes in Ca* permeability of
AMPARs were seen in immature OPCs isolated from the optic nerve, but not in the premyelinating
OPCs (Zonouzi et al., 2011). This indicates that regulation of AMPARs by mGluRs depends on the
developmental stage of the oligodendrocyte lineage cells. Downstream of mGIuR5, the synthesis of
new Ca2+-permeable AMPARSs is induced via an increase in intracellular Ca?* level in OPCs, involving
PI3 kinase, PICK-1, and the JNK pathways (Zonouzi et al., 2011). mGIuRs also regulate survival of
OPCs under pathological conditions. For example, in vitro, activation of group | mGIuRs enhances
survival of OPCs upon excitotoxic kainate exposure, or during oxidative stress triggered by oxygen—
glucose deprivation, and this effect is attributed to the decreased accumulation of reactive oxygen
species (Deng et al., 2004; Kelland and Toms, 2001). Additionally, activation of mGIuR5 prevents
OPCs from undergoing staurosporine-induced apoptosis (Luyt et al., 2006).

1.25 OPCs are the major cycling population of the CNS

The presence and abundance of OPCs in various regions of the brain have been extensively
studied. Studies have shown that OPCs are distributed throughout the brain from the time of birth, and
are present in both gray matter and white matter (Nishiyama et al., 1996; Dimou et al., 2008; Rivers et
al., 2008). Moreover, OPCs are found as proliferative cells in every region of the brain, at all studied
ages (Dawson et al., 2000; Horner et al., 2002; Nishiyama et al., 2002; Aguirre and Gallo, 2004). This
indicates that the role of OPCs is not limited to specific regions of the brain, but instead they are
essential for brain development and function as a whole.

The fraction of actively cycling OPCs (growth fraction) is high in both young and adult animals
(Kukley et al., 2008; Psachoulia et al., 2009). Kukley et al. (Kukley et al., 2008) estimated the growth
fraction of NG2 glia in the mouse hippocampus at postnatal days 9 and 11, and found that it was as
high as 48% and 49%, respectively. In order to estimate the growth fraction of OPCs, they performed
a double staining for NG2 and the proliferating cell nuclear antigen (PCNA), which is only detected in
cycling but not in resting cells. Psachoulia et al. found that the growth fraction of OPCs in the corpus
callosum and cerebral cortex of 2-18-month-old mice was approximately 46% and 39% respectively,
indicating that approximately half of all OPCs are constantly dividing, independently of the brain area
and the age of the animals.

As animals grow into adulthood, the density of OPCs decreases (Nishiyama et al., 1996; Vélez-

Fort et al., 2009) and the absolute number of cycling OPCs declines (Panagiotakos et al., 2007;
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Vélez-Fort et al., 2009). However, the fraction of actively cycling OPCs changes only slightly with age,
indicating that OPCs are constantly dividing throughout the lifespan of an animal (Psachoulia et al.,
2009). Remarkably, recent findings indicate that all NG2+ cells in the mature brain, regardless of
region, have the ability to divide (Kang et al., 2010). This suggests that the total number of cycling
OPCs in the brain may be even higher than previously estimated, indicating that OPCs play a crucial
role in maintaining the homeostasis of the brain throughout the lifespan of an animal.

Studies using BrdU labeling and immunohistochemistry have shown that OPCs make up
approximately 70% of BrdU-positive cells in the adult cerebral cortex, hippocampus, corpus callosum,
and spinal cord after a short BrdU pulse, indicating that they are the major cycling cell population in
the rodent brain parenchyma (Horner et al., 2000; Dawson et al., 2003; Polito et al., 2005; Lasiene et
al., 2009). Furthermore, research has found that virtually all cells (= 90%) incorporating BrdU in the
brain parenchyma represent OPCs, based on BrdU labeling, immunohistochemistry, and/or transgenic
mice where NG2 or Olig2 cells are labeled (Alonso, 2000; Dayer et al., 2005; Mori et al., 2009; Dimou
et al., 2008). This cycling population of NG2+/Olig2+ cells is also prevalent in the healthy adult human
brain (Geha et al., 2010).

Interestingly, OPCs display a striking discrepancy in cell cycle time, with the cell cycle time of
OPCs in the hippocampus, cerebral cortex, and corpus callosum being approximately 2-3 days during
the first two postnatal weeks. This means that each cycling NG2 cell divides approximately every 48-
72 hours. As the animal matures, cell cycle time increases steadily, reaching over 100 days at P540.
The rate of oligodendrocyte production from OPCs slows down in parallel with the increase in OPCs'
cell cycle duration. For example, in the corpus callosum, the cell cycle slows down by about 10-fold
between P45 and P240, while the rate of oligodendrocyte production slows down by about 20-fold

during the same period (Psachoulia et al., 2009).

1.26 OPCs maintain their complex morphology and synaptic connections during cell
division

OPCs in the grey and white matter of rodent brains possess complex morphology, with highly
branched processes extending over 100 um around a small cell body in radial (grey matter) or bipolar
(white matter) shape. While approximately 50% of OPCs in both neonatal and adult brains are actively
involved in the cell cycle, it is unclear how cell morphology changes during this process. To address
this question, individual hippocampal OPCs with mitotic DNA configuration were subjected to patch-
clamp recordings and filled with a fluorescent dye, Lucifer Yellow. Subsequent morphological analysis
of these dye-filled cells showed that metaphase and telophase OPCs maintained a rich tree of

branching processes. Similar findings were reported by Ge et al., who examined mitotic glial cells

37



labeled for NG2 in brain slices. Although these findings suggest that OPCs retain their complex
morphology during division, it is possible that the cells retract and regrow some of their processes
quickly, such as in the range of minutes, and withdraw many of their processes during chromosome
separation. Time-lapse imaging of zebrafish OPCs in vivo demonstrated that cells can rapidly remove
filopodia-like processes, divide, re-grow their processes, and migrate away from each other. However,
time-lapse imaging of mammalian OPCs in vivo has not yet been reported. Ge et al. attempted to
perform time-lapse imaging of dividing OPCs in acute mouse brain slices and observed that the soma
of the mother cell split into two while all of the processes remained un-retracted, supporting the idea
that OPCs retain their complex morphology during mitosis. However, this observation was based on
only a single example, and further experiments involving time-lapse imaging in transgenic mice
specifically labeled for NG2 cell soma and processes would be necessary to investigate this issue
further.

Figure 15. OPCs maintain functional synapses
during mitosis.

(A-C) Three OPCs at different stages of cell division:
metaphase (A), anaphase (B) and telophase (C),
labeled by DAPI (blue) and NG2 antibodies (red) in
brain slices prepared from P25 mouse. Note that

mitotic cells possess a fully branched morphology at

all mitotic stages. Scale bars = 20 pm (A-C). Insets
show DAPI and NG2 only. (D) Dividing OPC filled

with Lucifer Yellow (green), with mitotic chromatin

configuration labeled with Hoechst 33342 (blue) in a

live brain slice. Dashed white lines indicate the
patch-pipette. Scale bar = 10 pm. (E) GABAergic

synaptic currents recorded from the cell (Vh = +30
mV), in the presence of 30 um CNQX and 100 um
ruthenium red. Scale bar: 400 ms, 20 pA. (F) Mitotic
OPC cell filled with Cy5-conjugated dextran (10 kDa)

during patch-clamp recordings. Dextran (10 kDa)

does not spread through gap junctions, therefore
both cells must share the cytoplasm for the filling to be successful. Asterisk indicates the patch-pipette. Scale bar = 10 ym.
(G) Glutamatergic synaptic currents recorded from the cell (Vh = =80 mV), in the presence of 10 um bicuculline. Scale bar:
20 ms, 10 pA. Adapted from: Frohlich et al., 2011.

Patch-clamp recordings were used to investigate synaptic responses directly in proliferating cells.

Mitotic OPCs in metaphase or telophase of mitosis were studied in acute hippocampal and cortical
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slices from neonatal mice aged 7-12 days old. GABAergic synaptic currents were detected in OPCs
with mitotic chromosome configurations in the presence of AMPA/kainate receptor antagonist CNQX.
Fast rising and decaying excitatory postsynaptic currents could be recorded in OPCs during
metaphase and telophase of mitosis on removal of AMPA/kainate receptor antagonists and adding
GABAA receptor antagonist bicuculline. Recent data shows that grey and white matter OPCs in
metaphase and telophase of mitosis receive glutamatergic synaptic input from neurons not only in
young but also in older animals. Electron microscopy images show that synaptic terminals contact
mitotic OPCs, suggesting that during cell division at least some synaptic contacts are maintained.

Based on this evidence, it seems likely that OPCs in the rodent brain can enter cell cycle and
undergo cell division without losing functional GABAergic and glutamatergic synapses (Kukley et al.,
2008). While the evidence so far is indirect, the frequency of synaptic currents is comparable between
metaphase and telophase OPCs (Kukley et al., 2008), suggesting that the number of functional
synaptic contacts of the parent cell is comparable with the number found in two daughter cells. In
addition, the number of GAD65+ terminals in each daughter NG2 cell is roughly half of the synaptic
terminals found in the parent cell (Kukley et al., 2008) If OPCs have to disassemble all synapses
before cell division and reform all of them from scratch after cytokinesis, there should be a period of
time equal to at least 1 h when synaptic currents are absent in OPCs. However, synaptic currents
could be recorded in OPCs presumably 30 min before and after chromosome segregation.

Newly generated OPCs in the postnatal rodent brain can inherit synapses from their parent cell,
which raises questions about the benefits of this process. One possible advantage of keeping synaptic
contacts with dividing OPCs is that neurons may have the opportunity to directly or indirectly regulate
the proliferation of OPCs. For instance, they could influence the expression of potassium channels
during the cell cycle or control other intracellular signaling cascades. Additionally, inheriting synapses
could enable the direct transfer of environmental interactions to clonal descendants of OPCs, which
could be crucial for effective colonization and perhaps future myelination of the developing brain.

The discovery of glutamatergic innervation of dividing OPCs by Kukley et al. and Ge et al. re-
opened an essential question regarding the role of glutamate and its receptors for proliferation of
oligodendrocyte lineage cells. This question was first addressed more than 20 years ago by Gallo et
al. and Yuan et al., who conducted work in dissociated cell cultures and organotypic slice cultures.
Their studies showed that glutamate acts through AMPA/kainate receptors to inhibit O-2A progenitor
(presumably OPCs) proliferation. They suggested that this effect is mediated by the increase in
intracellular Na* concentration triggered by the opening of the AMPA channels in the O-2A membrane,

and subsequent block of voltage-gated K* channels. However, recent research has revealed that
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glutamate released from neurons activates AMPA/kainate receptors on dividing OPCs in acute brain
slices.

The question that arises is how OPCs receiving glutamatergic synaptic input can divide if
glutamate inhibits proliferation. In the earlier studies, agonists and antagonists of glutamate receptors
were added to the culture medium for 1-48 hours, which means that cells were constantly exposed to
these substances for a prolonged period of time. Glutamatergic synaptic-like signaling between
neurons and OPCs under physiological conditions is a much finer 'tool' for exposing glial cells to
glutamate and activating their glutamate receptors. Importantly, glutamatergic synaptic signaling can
be tuned in time and space both pre- and postsynaptically, and it can perhaps be tuned during the cell
cycle of OPCs.

For example, AMPA receptor expression in OPCs and/or properties of the axonal release
machinery could be higher in G1 phase and decreasing in G2/M phase, thereby allowing NG2 cell
division. Blocking AMPA/kainate receptors and subsequent increase in cell proliferation described by
Yuan et al. would be an extreme of this situation. However, it is not yet known whether and how the
surface expression of neurotransmitter receptors on OPCs, the number and properties of synapses,
the location of synapses along NG2 cell processes, and the strength of synaptic input change during
the cell cycle of an NG2 cell. Therefore, there is still much to be discovered regarding whether and

how glutamatergic synaptic signaling between neurons and glia regulates the proliferation of OPCs.
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2. Hypothesis, objectives and experimental strategy

2.1 Hypothesis

The major hypothesis of this study is that OPC synapses follow similar developmental patter to
neuronal synapses. We hypothesize that juvenile OPCs have synapses with characteristics of
immature neuron-neuron synapses and that during callosal development those properties change into
ones typical for mature neuron-neuron synapses at adulthood. We hypothesize that synaptic
development and increased synaptic activity is reflect in more complex morphology of OPC in

adulthood when compared to juvenile OPCs.

2.2 Objectives

To test my hypothesis, | followed four objectives.

1) Establish an approach to probe intrinsic electrophysiological properties of OPC through whole-cell

patch clamp at three distinct callosal developmental stages.

2) Establish an approach to probe properties of the synaptic input onto OPCs by investigating the
quantal size (q), release probability (p) and number of release sites (N), in line with the classical

theory of synaptic strength (I) : | = pgN.

3) Establish methodology to sparsely label callosal OPC at three distinct callosal developmental
stages. Identify, acquire and reconstruct whole OPCs from confocal stacks.

4) Reconstruct whole OPC morphology and analyze branching, overall process structure, branch

position in space and the effects of callosal development on morphological properties of the cell at

three distinct callosal developmental stages.
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2.3 Experimental strategy

1) Voltage-clamp patched callosal OPCs and subject the cells to a set of 200-300 ps square voltage
steps, in +10mV increments, starting a V+=-80. From the steps acquire values of Rn, Cm, Na, and K,

channel currents.

2) Voltage-clamp callosal OPCs and elicit evoked, AMPA-ergic, synaptic currents by stimulating the
callosal fibers with trains of stimuli, applied at different frequencies and of different magnitudes

(minimal and maximal stimulation paradigms).

3) Sparsely label callosal OPCs by inducing Cre activity in postnatal ROSAMT/mG:NG2-CreERTM
double-transgenic mice with injection of 4-hydroxytamoxifen. Inject 1 mg of 4-OHT per gram of body
weight intraperitoneally 3 days ahead of tissue harvesting. Afterwards, prepare coronal brain sections
and immunostain for NG2, GFP and DAPI. Image the sections at Zeiss LSM 710 Meta Confocal

microscope and acquire stacks containing whole cells.

4) Upload confocal image stacks into Neurolucida. Manually trace the processes to generate single

pixel-thick reconstructions. Analyze the cells in the Neurolucida software.
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3. Materials and Methods

3.1 Ethics statement

All experiments were performed in accordance with current European Union guidelines and
approved by the local government authorities for Animal Care and Use (Regierungspraesidium
Tuebingen, State of Baden-Wuerttemberg, Germany). All efforts were made to minimize the suffering

of the animals.

3.2 Animals

For the electrophysiological experiments heterozygous progeny of NG2DsRedBAC transgenic
and C57BL/6 mice were used in this study. Breeding pairs of NG2DsRedBAC transgenic mice were
originally obtained from The Jackson Laboratory (stock 008241) and C57BL/6 mice were originally
obtained from Charles River.

For the immunohistochemistry (IHC) and analysis of morphology the progeny of B6.129(Cg)-
Gt(ROSA)26Sorm#ACTE-dTomalo EGFP)Luoj | (ROSAMTmS) and B6.Cg-Tg(Cspg4-cre/Esr1*)BAkik/J
(NG2CreER™) lines was used in all experiments. Breeding pairs were obtained from The Jackson
Laboratory (stocks: 007676 and 008538, respectively).

All animals were bred in house under 12/12 hour light/dark conditions with water and food

available ad libitum.

3.3 Slice preparation for electrophysiology

For patch-clamp recordings, we used coronal brain slices containing central part of corpus
callosum, prepared from P7-10 (N mice), P19-22 (N mice) or P50-53 (N mice) day old mice of both
sexes, a total of N mice for all experiments. Mice were anesthetized with a mixture of isoflurane in
pure 02 (3% v/v) and decapitated. The brains were dissected in the ice-cold N-methyl-D-glucamine
(NMDG)-based solution containing (in mM): 135 NMDG, 1 KCI, 1.2 KH,PO4, 20 choline bicarbonate,
10 glucose, 1.5 MgCl;, and 0.5 CaCl, (pH 7.4, 310 mOsm), gassed with carbogen (95% O, 5% CO,)
for at least 30 min prior to the preparation. 300-um-thick (for P8-11 animals), 270-um-thick (for P19-22
animals) or 250-pum-thick (for P50-53 animals) coronal brain slices were cut in the same solution using
Leica VT1200S vibratome. The slices were transferred to a preheated to 32°C Haas-type interface
incubation chamber and perfused with Ringer solution containing (in mM): 124 NaCl, 3 KCI, 1.25
NaH:PO;*H.0, 2 MgCl,, 2 CaCl;, 26 NaHCO;, 10 glucose; 300 mOsm/kg; 7.4 pH; gassed with
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carbogen. Afterwards, the slices were left to recover for ~1 hour while the chamber was gradually

cooling down to room temperature.

3.4 Patch-clamp recordings

Following the recovery period, individual slices were moved to a submerged recording chamber,
mounted on an upright microscope stage (FN-1, Nikon, Japan). The microscope was equipped with
infrared differential interference contrast (IR-DIC) filters and a fluorescence light source. Throughout
the experiment, the recordings were conducted at room temperature (20-22°C) and the slices were
consistently perfused with fresh Ringer solution carbogenated at a flow rate of about 2 ml/min. OPCs
were chosen for recordings based on their bright red fluorescence (as NG2 is downregulated in
oligodendrocytes resulting in weak tdTomato fluorescence) and could be differentiated from pericytes
by their morphology.

Patch pipettes were made by pulling borosilicate glass capillaries (Science Products, Germany)
using a vertical puller (Model PC10, Narishige, Japan). The pipettes had a resistance of 5-7 MQ when
filled with an internal solution containing (in mM): 125 K-gluconate, 2 Na.ATP, 2 MgCl,, 0.5 EGTA, 10
HEPES, 20 KCI, 3 NaCl; 280-290 mOsm/kg, titrated to pH 7.3 with KOH. During all recordings, the
cells were voltage clamped at the holding potential V, = =80 mV using an EPC-8 amplifier (HEKA,
Germany). The software JPCalc for Windows (Peter H. Barry, Sydney, Australia) was used to calculate
the liquid junction potential, and V\, was corrected by =13 mV before forming a seal. Series resistance
was not compensated. To confirm that the selected cell was an OPC after establishing the whole-cell
configuration, 10 depolarizing voltage steps were applied in +10 mV increments from V, = =80 mV. All
recordings of currents evoked in response to voltage steps were low-pass filtered at 10 kHz and
digitized at a sampling frequency of 20 kHz (ITC-18, HEKA Instruments Inc, USA). Data acquisition
was performed using Recording Artist software written by Dr. Rick Gerkin (Arizona State University,
USA) in Igor Pro 6.3 (WaveMetrics, Lake Oswego, USA). NMDA-receptor antagonist (RS)-3-(2-
Carboxypiperazin-4-yl)-propyl-1-phosphonic acid (CPP, 10 upM, Tocris) and GABA A-receptor
antagonist SR95531  2-(3-Carboxypropyl)-3-amino-6-(4 methoxyphenyl)pyridazinium bromide
(Gabazine, 5 uM, Sigma) were present during all recordings. Cells without a clear OPC current profile
were excluded (Kukley et al., 2007; Nagy et al., 2017).

Isolated pulse stimulator (A-M Systems, Model 2100, Science Products, Germany) was used to
elicit evoked synaptic currents with a pipette identical to the patching pipettes filled with Ringer
solution and placed at 100 + 25 ym from the recorded cell. Single or paired biphasic rectangular
pulses (200-300 us duration) were applied every 15 seconds, and trains of stimuli were applied every

20 seconds. Minimal stimulation was conducted as described in our previous study (Kukley et al.,
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2007; Nagy et al., 2017) in brain slices where the corpus callosum was isolated from the cortex by 4
cuts: 2 parallel and 2 perpendicular to the orientation of callosal axons.

We applied a square test voltage step of =10 or =5 mV to monitor changes in the series
resistance (Rs) during recordings of stimulated and spontaneous synaptic currents. The test step was
applied 1-2 s before the stimulation to avoid influencing the evoked currents. All synaptic currents
were low-pass filtered at 1 kHz and digitized with a sampling frequency of 10 kHz. To ensure that
ionotropic glutamate receptors were responsible for synaptic currents, we utilized CNQX, a blocker of
all ionotropic glutamate receptors. All drugs were dissolved in Ringer solution and applied via the bath.

The recordings were performed at room temperature. Evoked synaptic currents were elicited with
isolated pulse stimulator (A-M Systems, Model 2100, Science Products, Germany) using a pipette
identical to the patching pipettes filled with Ringer solution and placed at 100 + 25 pm from the
recorded cell. Single or paired (40 ms inter-pulse interval) biphasic rectangular pulses of 200-300 us
duration were applied every 15 s. Trains of stimuli were applied each 20 s. Minimal stimulation was
performed as described in our previous work (Kukley et al., 2007; Nagy et al., 2017) in brain slices
where the corpus callosum was isolated from the cortex by 4 cuts: 2 parallel and 2 perpendicular to
the orientation of callosal axons.

The recordings included in this work had to meet three criteria or they would be discarded: 1) The
offset drift at the end of the experiment could not exceed = 5 mV. 2) Rs could not exceed 40 MQ (all
recorded cells had Rs between 20 and 40 MQ). 3) The change in Rs could not exceed * 30%

compared with the beginning of the experiment.

3.5 I-V curve recordings

We used a Cs-based internal solution containing (in mM): 100 CsCHsSOsH (CsMeS), 20
tetraethylammonium (TEA) chloride, 20 HEPES, 10 EGTA, 2 Na,ATP, and 0.2 NaGTP; 280-290
mOsm/kg; titrated to pH 7.3 with CsOH, and a Ringer solution with elevated Ca containing (in mM):
119 NaCl, 2.5 KCI, 1 NaH.PO4 * H,0, 1.3 MgCl,, 2.5 CaCl,, 26.2 NaHCOs, 11 glucose; 300 mOsm/kg;
7.4 pH; gassed with carbogen. Spermine, a potent voltage-dependent blocker of Ca?*-permeable
AMPARSs (Sigma, 100 uM) was included into the internal solution in all recordings of evoked EPSCs in
order to test the Ca®-permeability of AMPA receptors in OPCs. Vi was corrected for a =7 mV liquid
junction potential before seal formation. The cells were held at different potentials (-90, -40, 0, +20,
and +40 mV) and 10-50 sweeps were recorded at each potential.

To monitor changes in the series resistance (Rs) during recordings of stimulated and spontaneous
synaptic currents we applied a 200-300 ys square test voltage step of =10 or -5 mV at the beginning

of each sweep. The test step was applied 1-2 s in advance of the stimulation to avoid influencing the
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evoked currents. All synaptic currents were low-pass filtered at 1 kHz and digitized with a sampling
frequency of 10 kHz. To verify that synaptic currents were mediated by ionotropic glutamate receptors,
we used 6-Cyano-7-nitroquinoxaline-2,3-dione (CNQX, 10 pM, Abcam), a blocker of all ionotropic
glutamate receptors. All drugs were dissolved in Ringer solution and applied via the bath. All

recordings were performed at room temperature (20-22°C).

3.6 Calculations for intrinsic properties of OPCs

The intrinsic properties of OPCs were calculated as follows. To obtain the membrane resistance
(Rm), we subtracted the series resistance (Rs) obtained from the peak of the capacitive transient from
the input resistance (Ri,) obtained from the steady-state current in response to a small voltage step:
Rn = Ri-Rs. To estimate the cell capacitance (C.), we calculated the capacitive current (IC) by
subtracting the resistive current from the total current (Al(t)) during a voltage step (AV) and then
integrated the area under the IC curve. The resulting value of AQ was converted to Cn, with the
resting membrane potential (RMP, V;) set to zero current potential. To quantify the leak current density
(LC), we measured the current response to a +10 mV voltage step (A+10 mV) from a holding potential
of =80 mV to =70 mV. The values for voltage-activated Na* current (Na,), voltage-activated fast A-type
K* current (K, A-type), and voltage-activated slow K* current (Kv steady-state) were obtained from the
leak-subtracted current traces, and current densities were calculated by dividing the peak values of
the currents by the cell capacitance (Cn) (Kukley et al., 2007).

3.7 Analysis of qEPSCs

In order to examine the quantal amplitude of synaptic currents in OPCs, we conducted an analysis
of delayed EPSCs that occur after the train stimulation of callosal axons with 20 pulses at either 25 or
100 Hz. We defined delayed EPSCs as those that have an onset of more than 10 ms following the last
stimulus of the train. We collected the delayed EPSCs in 20-160 sweeps, each of which was 1.73-2.3
seconds in length, for each recorded cell. To detect the EPSCs, we utilized a deconvolution-based
algorithm called FBrain (Pernia-Andrade et al., 2012; Nagy et al., 2017), which is a customized
program that runs under IgorPro 6 (WaveMetrics, Lake Oswego, USA) and was kindly provided by
Peter Jonas Lab (IST, Klosterneuburg, Austria). Before analysis, we applied additional digital high-
pass (10 Hz) and Notch (50 + 0.5 Hz) filtering to the recorded sweeps in FBrain. The convolved trace
was then passed through a digital band-pass filter at 0.001 to 200 Hz. We constructed the Pass 1
synthetic event detection template with a rise-time constant, 1 of 0.5 ms, a decay time constant, 1 of 4
ms, and an amplitude of -3 pA. The event detection threshold (8) was set to 4.2 times the standard

deviation of a Gaussian function fitted to the all-point histogram of the convolved trace, with
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Freedman-Diaconis binning (Pernia-Andrade et al., 2012; Nagy et al., 2017). All detected events were
visually inspected and those that did not exhibit the kinetics of typical excitatory postsynaptic currents
were manually removed. We rejected all cells with a removal ratio of more than 30% from further

analysis. The subsequent analysis was conducted using custom-written macros in IgorPro.

3.8 Non-stationary fluctuation analysis (NSFA)

To estimate the single channel conductance of synaptic AMPARs in OPCs, we utilized peak-
scaled non-stationary fluctuation analysis (NSFA) (Hartveit and Veruki, 2007). We visually inspected
the delayed EPSCs in each cell and only selected events with smooth rise- or decay phase for NSFA.
To ensure the accuracy of our results, we applied Spearman’s rank-order correlation test to check for
any drift in peak amplitude, rise-time, or decay-time of the events during each experiment. We also
confirmed that there was no correlation between rise-time and decay-time constant. If any correlation
was found, we excluded the cell from the NSFA. We randomly selected 13 events from 8 cells in the
P10 group and 26 events from 4 cells each in the P20 and P50 groups, respectively. We pooled these
events within each age group, resulting in 104 events included in the NSFA for each experimental
group. The events were aligned on the point of steepest rise, and the mean waveform was calculated
from the aligned events. Next, the amplitude of the mean waveform was scaled to the amplitude of
each individual event, and the scaled mean waveform was subtracted from each individual event to
obtain the noise component. We then calculated the variance for each event by using the background
variance estimated from the segment of the trace before the onset of each event. We calculated the
ensemble background-subtracted variance as an average of variances of all events. The mean
amplitude wave was binned into 8-10 bins, and the corresponding values of the variance wave were
then obtained. We plotted the variance-mean relationship and fitted it with a parabola function to

calculate the single-channel conductance (y) of synaptic AMPAR:
¥ ()=il-1PIN+3

where 8%(1) is the variance; i is the (weighted) estimate of a mean single channel current; N is average
number of channels opened at the peak, and &y, is the background variance. The single-channel

conductance (y) of synaptic AMPAR was calculated from the single-channel current i as:
Yy = i/(Vm—Erw)
where (Vm— Er) is the driving force for AMPAR-mediated EPSC, with Vm= -80 mV (holding potential)

in our study and E., = OmV (AMPAR reversal potential) due to our internal and external solutions.
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Notably, because we used the peak-scaling method for NSFA, the information on the total number of
available channels is lost. Therefore, the parameter N has no meaning and is not further analyzed in
our study. All routines for NSFA were custom programmed and were based on the code presented in
the supplementary material of Hartveit and Veruki, 2007. Different numbers of bins were also tested,
but varying the number of bins did not affect the results. Finally, the values of variance were plotted
versus the corresponding values of the mean current amplitude.

All routines for NSFA were custom programmed and were based on the code presented in the
supplementary material of Hartveit and Veruki, 2007.

3.9 Analysis of evoked EPSCs and I-V curve

We used custom-written IgorPro macros for the analysis of evoked EPSCs. In order to remove
stimulus artifacts, the averaged sweeps that contained failures after the initial stimulus or those
recorded in the presence of tetrodotoxin citrate (TTX, 1um, Abcam) or CNQX, or recorded at holding
potential of Vh = 0, were first averaged, and then the segment of the averaged sweep from time-point
of the stimulation to the last point before the second stimulus was removed. This removed segment
was then duplicated and concatenated with itself, resulting in a sweep containing only the averaged
stimulus artifact, which was subtracted from each recorded sweep.

To measure the EPSC amplitude, the baseline of each recorded sweep was adjusted to the 500
ms segment immediately preceding the stimulation. The peak-center of each event was determined as
the time-point at which the first derivative of the sweep crossed zero. The amplitude values of the
current at the peak + 2 points around it were then averaged, and the resulting value was taken as the
EPSC amplitude. The threshold for event detection was determined for each recorded sweep
individually, and was equivalent to three times the standard deviation of the noise. In case several
EPSCs occurred after a given stimulus, the amplitude of the first event was measured.

Although paired-pulse stimulation was used in all experiments, only the EPSCs occurring after the
first pulse were considered in order to generate the I-V curve. The amplitudes of all recorded sweeps
at a given holding potential (-90, -40, 0, +20, +40 mV, and back to -90 mV) were measured and
averaged to generate the |-V curve in each cell. To calculate the rectification index, the average value
of the EPSC amplitude at +40 mV was divided by the average value of the EPSC amplitude at —90
mV. To determine the paired-pulse ratio, the average amplitude value of the EPSC occurring after the
second pulse was divided by the average amplitude value of the EPSC occurring after the first pulse

at a holding potential of =90 mV.
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3.10 Estimation of the fraction of rectifying AMPARs (FRR) based on rectification
measurements

To obtain the FFR, we used the equation developed by Stubblefield and Benke, , which allows for
estimation of the FRR based on rectification measurements. Their rectification indexes were
calculated as a ratio of EPSC amplitudes recorded at =70 mV and at +40 mV. To match their
approach, we took the inverse of our Rl values (1/RI) and adjusted their equation to model our results

as follows:
FFR = (1 =1/RI * F3)/1/RI * (F1 - F3),

where F1 is the maximal block of inwardly rectifying receptors (EPSC at +40 mV/ EPSC at -90mV),
extrapolated to be 0.035 (Stubblefield and Benke, 2010). F3 is the value for linear relationship (F3 =
40/90 = 0.444). This analysis assumes that there is no change in presynaptic function.

3.11  Analysis of the events during the train

For the analysis of events during trains we started by subtracting the stimulus artifacts in the same
manner as in Analysis of evoked EPSCs and I-V curve, with the following exception: cut piece of the
train containing failures was concatenated n times, in which n = number of stimuli in the original train
and thus generated “train of failures” was subtracted from each recorded sweep.

We detected events in the stimulus-artifact—subtracted sweeps containing a 1-s-long pretrain
baseline using a deconvolution-based algorithm in FBrain. We identified phasic events during the train
as those events for which onset was located within 6 ms after the stimulus onset. Events for which
onset occurred later than 6 ms within the same interstimulus interval were defined as asynchronous
events during the train and were analyzed for charge transfer.

To estimate the amplitude of each phasic event, we adjusted the baseline to the time interval from
the beginning of each stimulus until the event onset. We determined the peak center of each event as
a minimum within the interval of 7.5 ms after the stimulus onset, and we averaged the values of the
current in the peak center and in 2 points around it to obtain the measurement of the current
amplitude. In our study, a response was defined as an EPSC for which onset is located <6 ms after
the stimulus and whose peak is located <7.5 ms after the stimulus.

To estimate the amplitude of each failure, we used a similar procedure, except that the peak center
was determined as one point randomly selected by the algorithm within the interval of 7.5 ms after the
stimulus onset. In our study, a failure was defined as a situation in which, after a stimulation pulse, we
did not observe an EPSC with an onset located <6 ms after the stimulus and with peak located <7.5

ms after the stimulus.
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For each stimulation paradigm in each cell, we calculated the amplitude of phasic currents after a
given stimulus as the mean amplitude of all responses and all failures after this stimulus. Response
probability was calculated as the number of responses after a stimulus divided by the total number of
trials in the stimulation paradigm. We then averaged the corresponding mean values across all cells
for a given stimulation paradigm to calculate the average amplitude and response probability after a
given stimulus. To study the kinetics of phasic events, we measured the 10%—90% rise time and
weighted decay time constant for each event. The latency of each phasic response was determined as
the time difference between the response onset and the time point of the stimulus.

We split each inter-stimulus interval into 5-ms-long bins and performed trapezoidal integration on
each bin to calculate the total charge transfer during the train. To calculate the normalized average
amplitude and response probability, we divided the corresponding average value after a given stimulus

by the average value after the first stimulus.

3.12 Tamoxifen injections

Cre activity in postnatal ROSAMT/mG:NG2-CreER™ double-transgenic mice was induced by
intraperitoneal injection of 4-hydroxytamoxifen (4-OHT, Sigma). A 10 mg/ml stock solution was
prepared by dissolving 4-OHT in 19:1 autoclaved vegetable oil:ethanol. Mice were injected with 1 mg
of 4-OHT per gram of body weight intraperitoneally at the age of P5-8, P16-19 and P47-50. Control
animals were injected with the same volume of vehicle. P16-19 and P47-50 animals were

anesthetized with a low dose of Isoflurane for the procedure.

3.13  Preparation of brain slices for immunohistochemistry

3 days after 4-OHT injection mice were anesthetized with a mixture of Isoflurane (3% v/v) in 100%
oxygen and decapitated. Whole brains were removed and 300um coronal brain sections were
prepared in ice-cold carbogenated (95% O, 5% CO;) N-methyl-D-glucamine (NMDG) solution
containing (in mM): 135 NMDG, 1 KCl, 1.2 KH;PO4, 20 choline bicarbonate, 10 glucose,1.5 MgCl; and
0.5 CaCl; (pH 7.4, 310 mOsm) using Leica VT 1000S vibratome. Subsequently, the slices were
transferred into 4% paraformaldehyde (PFA) in 0.01M phosphate buffered saline (PBS) and fixed for
20-24 hours at 4°C. Afterwards slices were washed in PBS, embedded into 5% agar in PBS and re-
sectioned to 70um slices at Thermo Fisher Scientific HM 650V microtome. In the initial staining trial
we did not find GFP+ cells longer than 60um along the posterior-anterior axis therefore 70um slices
were sufficient to find full cells with uncut processes. Slices were washed with 0.1M Tris-buffered
saline (TBS, pH 7.6) three times. Afterwards blocking solution containing 0.1M TBS, 10% fraction V
albumin (Roth) and 1% Triton-X (Roth) was applied for 1 hour at 37°C. Afterwards slices were
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incubated for 48 hours with primary antibodies (1:500 concentration) in 0.1M TBS, 10% albumin V and
0.5% Triton-X at 4°C. Primary antibodies: Guinea pig and rabbit anti-mice NG2 antibodies were gifts
from Dr William Stallcup (Burnham Institute, La Jolla, CA, USA). Rabbit anti-GFP antibody was
obtained from Invitrogen, chicken anti-GFP antibody was obtained from Abcam. After a short wash in
TBS slices were incubated with secondary antibodies (1:1000) in TBS, 10% albumin and 0.5% Triton-
X for 48 hours at 4°C. Secondary antibodies: anti-chicken Alexa Fluor 488 (AF488), anti-rabbit AF488,
anti-rabbit AF633 and anti-guinea pig AF633 antibodies were obtained from Invitrogen, anti-rabbit
Rhodamine Red-X (RRX) and anti-chicken fluorescein isothiocyanate (FITC) were obtained from
Dianova. Cell nuclei were counter-stained by 20min incubation with 0.2ug 4’6-diamidino-2-
phenylindole (DAPI) in TBS. After washing with TBS slices were left to air-dry for 10min, mounted in
Vectashield Antifade Mounting Medium (Vector Labs.) and sealed with nail-polish. Preparations were

stored in the dark at 4°C until confocal microscope imaging.

3.14 Image acquisition

Immunostained sections were imaged at Zeiss LSM 710 Meta Confocal microscope equipped with
63x Plan Apochromat NA 1.4 oil immersive objective. Pinhole was set to 50 ym (approx. 1 Airy unit for
488nm wavelength). Whole cells were scanned under 1.1 — 1.5 zoom, pixel dwell ranging between 9.7
— 12.5us and 0.089 x,y pixel size. The z-step between images within a stack was set to 0.37pm,
resulting in a 50% overlap between optical sections (74 pm/section). Frame size was adjusted to keep
identical pixel size at every zoom level. All images were acquired with 16bit color depth and 4x
averaging. The following laser excitation lines and emission detection ranges were used: Alexa
488/FITC — 488nm excitation, 494 — 553nm emission; Alexa 568/RRX — 561nm excitation, 562 —
631nm emission; Alexa 633 — 633nm excitation, 641 — 729 emission; DAPI — 410nm excitation, 416 —
474 emission. Laser power of 1.5 — 3.0% was used for 488nm, 561nm and 633nm lasers. 0.3-0.5%
power was used for the 405nm lasers. Laser power, gain and offset were adjusted for the best
possible signal to background ratio. All acquired stacks of images were saved in Zeiss .Ism file format.

The format preserves meta-data information.

3.15 Cell tracing

Previously acquired confocal image stacks in .Ism format were uploaded into Neurolucida. The
voxel sizes were loaded automatically from the .Ism files by the software. Single pixel-thick cell
reconstructions were created by tracing manually through the middle of the processes.

Brightness/contrast and gamma were adjusted during tracing to keep similar intensity profiles at all
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traced slices/sections. Every tubular or conical protrusion originating from the soma was classified as

a process, regardless of length or branching.

3.16 Branch order and the positioning of process elements

In this work a branch is defined as a part of a process contained between: 1) the origin point (root)
and a branching point (node); 2) between 2 br. points; 3) between a br. point and a process ending.
Centrifugal ordering, which assigns numbers in an ascending order, starting from process origin, was
used to mark the position of new branches along the process. In brief: A branch starting at the origin of
a process (root) is assigned order 1. If the branch terminates with a br. point the br. point is also
assigned order 1. All new branches starting at a the br. point are assigned order +1. Endings are
ordered in the same way and receive br. order of the branch they terminate. This numeration
continues until all branches, br. points and endings have an order assigned. As an example: if a
branch originates from a br. point of order 3 then the branch is of order 4 and it's ending is also of

order 4.

3.17  Sholl analysis

Sholl analysis was performed in Neurolucida Explorer. In brief: a set of concentric shells spaced
by 2.5um and anchored at the centroid of the soma was placed over the cell. The shells partition the
brain parenchyma into volume compartments separated by the shells. The intersections of the shells
with processes serve as an indication of the changes in structural over increasing distance from the
soma. In addition, the number of br. points, endings, branches and the lengths of those branches,
contained within individual compartments, can be quantified and an analyzed as a function of
increasing distance. Please note that the plots on the relevant figures only indicate the upper radius of

the shell range.

3.18 Branch direction in space and alignment with anatomical body axes

To calculate the change in direction of branches the Cartesian coordinate system used by
Neurolucida was converted into a spherical coordinate system. In the spherical coordinate system
position of a point is described by three values: Radial distance r, which is the distance towards
beginning of the coordinate system; polar angle ¢ defined for x,y axes and azimuth angle 6
corresponding to the z axis. For coronal slices used in this work the x,y axes are aligned with the
lateral-medial (L-MA), dorsal-ventral (D-VA) anatomical axes, respectively, and the z axis aligns with
the anterior-posterior axis (A-PA). ¢ takes values between 0° and 360°, therefore for the purpose of

measuring the alignment of branches with L-MA and D-VA ¢ quadrants were converted to 0°-90°
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where all angles approaching 0° align with L-MA while angles at 90° align with D-VA. Similarly, 6 takes
values from -90° to +90°, which were converted to 0°-90°, where angles at 90° align with A-PA while
angles at 0° completely miss-align with A-PA. Due to the tortuosity of branches all angular
measurements were performed on vectors spanning over the origin of the branch (root, br. point) and
it's terminus (another br. point or ending). The lengths reported are the real lengths of the branches,
not vector lengths. For graphing and statistical analyses all measurements were grouped into 15° bins,

6 in total. The radial distance was ignored and ¢ and 8 angles were analyzed separately.

3.19 Change in branch direction after a branching point

To measure the change in direction all branches were approximated as vectors spanning over
their origins and terminations. For each pair of a mother branch (terminating at a br. point) and it's
daughter (originating from the br. point) the planar angle was measured as an angle between the
daughter vector and a linear extension of the mother vector. In the measurement the mother and
daughter vectors are assumed to share a unique 2D plane. If the daughter branch does not change
direction the angle is 0° and a maximum possible angle is 180° (the daughter is parallel to it's mother,

facing backwards).

3.20 Statistics

All data acquisition was randomized (cells during patch-clamp experiments, traced cells, slices
selected for stainings). Throughout the study we made all efforts to avoid pseudoreplication by
restricting the maximum number of cells acquired from single animal to three. The exact number of
cells and animals used in each experiment is given in the figure legends.

Statistical analysis was performed in Graph Pad Prism 9.3.1. All datasets were tested for
homoscedasticity and normality. If the datasets had both normal distributions and equal variances,
one-way ANOVA with post hoc Holm-Sidak’s test was used. If the datasets had normal distributions
but unequal variances, Brown-Forsythe and Welch ANOVA with post hoc Dunnet’s T3 test were used.
If the datasets were not normally distributed, but had equal variances, Kruskal-Wallis test with post
hoc Dunn’s test were used. If the datasets were not normally distributed and had unequal variances,
Brown-Forsythe and Welch ANOVA with post hoc Dunnet's T3 test were used. For all statistical
comparisons, significance level was set at p < 0.05. Statistically significant differences are indicated
on the figures by markings: * represents p < 0.05, * * represents p < 0.01, and * * * represents p <
0.001. The exact p values are given in the text. If the data is normally distributed the data in the text or
figures is reported as scatter plots and mean + standard error of the mean (SEM) or, if not normally
distributed as a boxplot containing median and 10th, 25th, 75th, 90th or 25th, 75th percentiles.
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The datasets were checked for outliers by Prism’s ROUT method at Q=5%.

3.21 Power and sample size calculations

The sample sizes for all of the statistical comparisons in this work were determined based on the
means and pooled standard deviations from preliminary recordings of 8-10 cells or slices per group, a
= 0.05, B = 0.8, corrected for the number of pairwise comparisons (k), based on the following
equations:

2@y TPy )2
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Where n is the sample size; o is standard deviation; is standard Normal distribution function; a is Type
| error; is the number of pairwise comparisons; 8 is Type Il error. During the calculations, the normality
of residuals and equality of variances were assumed a priori.

The calculations were performed in an online calculator available at:

http://powerandsamplesize.com/Calculators/Compare-k-Means/1-Way-ANOVA-Pairwise
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4. Results

4.1 Neither quantal size (q) nor other properties of qEPSCs at neuron-OPC
synapses change during callosal development

The classical discovery at the neuromuscular junction by Del Castillo and Katz, 1954 has lead to a
formulation of a theory, currently known as the quantal hypothesis, that the communication between
the pre and postsynaptic sites rely on an all-or-none neurotransmitter release in the form of quantized
packets with each packet resembling a bit of information. Therefore the strength of postsynaptic
response (1) is mainly dependent on three properties: the probability of release of a vesicle loaded with
neurotransmitter at the presynapse (p), triggering a response proportional to the number of receptors
open at the postsynapse (quantal amplitude, q), released in response to a single action potential (AP)
arriving at N release sites within the synapse. (I = pgN). Up to this day this model provides a basis for
measurements of changes to synaptic strength. At the neuromuscular junction and under physiological
conditions the p and N at a single synapse are high enough to ensure that almost every presynaptic
impulse leads to contraction of a muscle fiber. In the CNS however, p values are usually low and most
synapses have only a single release site, requiring activation of multiple synapses within a short
timeframe to summarily overcome passive filtering properties of the membrane. This however is offset
by the number of synapses innervating a single cell, which for an average pyramidal neuron number in
tens of thousands, reaching 20-30 thousands for the large neurons of CA1 and CA3 hippocampal
formations. In such a setting an individual synapse and its properties are far less influential than at the
neuro-muscular junction and a collective activation and information integration throughout hundreds of
connections becomes biologically relevant. Within this framework neuron-OPC synapses are one of
the least understood in the CNS.

To test whether the quantal size or any other properties of quantal EPSCs (QEPSC) at the neuron-
OPC synapses change during callosal development we investigated the delayed EPSCs triggered by
prolonged train stimulation which arise due to elevated residual Ca®* at the presynapse after the
cessation of the stimulation. As we proved in our previous publication, such delayed EPSCs have
quantal properties at OPC synapses.

We found no significant differences between the age groups in any of the investigated
parameters: mean amplitudes [Fig. 16C; -3.79 +/- 0.15pA at P10; -3.93 +/- 0.11pA at P20, -4.27 +/-
0.19 pA at P50; ANOVA p=0.105], rise times [Fig. 16D; 0.516 +/- 0.011ms at P10, 0.539 +/- 0.0157ms
at P20, 0.516 +/- 0.0168ms at P50; p=0.722], decay tau [Fig. 16E; 1.296 +/- 0.0734 at P10, 1.493 +/-
0.0717 at P20, 1.283 +/- 0.0756 at P50; p=0.085] and total charge transferred [Fig. 16F; 7.526 +/-
0.374 fC at P10, 8.651 +/- 0.3681 fC at P20, 8.469 +/- 0.412 fC at P50; p=0.0799].
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Figure 16. During callosal development amplitude, charge and kinetics of quantal EPSCs do not change but
conductance of OPC AMPARs gradually increases.

(A): Representative trace recorded from a P20 callosal OPC (Vh=-80). Stimulation artifacts were blanked in the example for
clarity. Below, in orange, a schematic representation of the stimulation paradigm applied to callosal axons: 20 pulses at 25
Hz train stimulation, in violet, the cessation of stimulation and highlights part of the trace containing delayed EPSC used in
the analysis. Delayed events are marked by *. The magnified waveforms of the events are shown above the stimulation
trace. They all have properties of quantal events (QEPSCs). (B): Averages of delayed events from 22 cells from the P10
group (light red), averages of delayed events from 39 cells from the P20 group (light purple), averages of delayed events
from 22 cells from the P50 group and group means (P10, red; P20, purple; P50, blue). (C): Comparison of amplitudes of the
averaged delayed events. Each circle represents one cell. Black bars represent group average + SEM. P10 group: n=22 in
N=21 animals; P20 group: n=39 in N=35 animals; P50 group: n=22 in N=19 animals. The same labeling and n numbers
apply to graphs (D) to (F). There are no significant differences between groups. (D): Similar to (C) for 20-80% rise time of the
averaged delayed events. There are no significant differences between groups. (E): Similar to (C), for tau decay of the
averaged delayed events. There are no significant differences between groups. (F): Similar (C), for charge of the averaged
delayed events. There are no significant differences between groups. (G): Single representative spontaneous gEPSC events;
G1: P10 (red); G2: P20 (purple) and G3: P50 (blue), overlaid with the re-scaled qEPSCs average waveform (black) recorded
from the same cells. Grey trace represents the residual noise for the corresponding event (black trace subtracted from the
coloured trace). (H): Average EPSCs waveforms (black) from a representative random event selection from P10 (H1), P20
(H2) and P50 (H3). The gray traces represent the mean residual noise variance from across all mEPSCS for the
corresponding random event selection. (I) Amplitude — variance of amplitude graphs and their parabola fits from the same
random event selection as shown in H, J, L. J: Single channel conductance measurements of 10 repetition of random event
selection. Coloured dots: single cell measurements, black diamonds: mean + SEM. Black horizontal bars link significantly
different groups. * = p<0.05; ** = p<0.01; *** = p<0.001.

A surprising result, given that the available literature shows a substitution of Ca®-impermeable GIuA2
enriched AMPARs to GluA2-lacking and highly conductive AMPARSs, between juvenility and adulthood.
Therefore to test whether our results are consistent with the literature and this substitution indeed
happened we performed Non Stationary Fluctuation Analysis (NSFA) on the gEPSCs.

We found that the AMPAR single channel conductance changed significantly during callosal
development, from 9.96 +/- 0.78 pS in P10 OPCs, increased to 11.33 +/- 0.64 pS in P20 (not
significant; p=0.195), and further increased to 13.42 +/- 0.75 pS in P50 OPCs [Fig. 161-J; p=0.00676],
strongly suggesting replacement with Ca-permeable subunits at the synapses did take place during

callosal development. P20 and P50 groups did not differ significantly (p=0.099).

4.2 Substitution of AMPARs by Ca** permeable subunits at OPC synapses is almost
complete in the 3rd postnatal week of callosal development
AMPARs containing the edited GIuA2 subunit are impermeable to Ca? and as such show linear

current-voltage (I-V) EPSCs when recorded in the intracellular presence of spermine, an internal
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polyamine blocking Ca*-permeable AMPARs at positive membrane potentials. Therefore to
corroborate our findings of single-channel conductance increases we recorded the I-V relationship of
AMPAR-mediated EPSCs [Fig. 17]. We found that juvenile, P10 |-V curves show close to linear
rectification (rectification index, RI) of = 0.364 +/- 0.0204, which very significantly decreases by P20
(Rl = 0.157 +/- 0.0296), and decreased further by P50 (RI = 0.138 +/- 0.0302) [Fig 17A, B; P10 vs
P20, p=0.0000318; P10 vs P50, p=0.0000242]. P20 and P50 groups did not test as different
(p=0.627). However, rectification can be used to estimate the proportion of Ca?-permeable receptors.
To do that we adopted a model described by Stubblefield and Benke, 2010, utilized in our previous
publication (Chen et al., 2018) [Fig 17C, D]. Based on the model, only 19.59 +/- 4.99% of the
receptors were Ca** permeable in the P10 group, whereas this percentage increased to 68.26 +/- 6.24
% by P20 and further to 73.66 +/- 6.79 % at P50 [Fig 17C, D; P10 vs P20, p=0.0000124; P10 vs P50,
p=0.00000689], strongly suggesting that the majority of the Ca*-permeable subunits are already
incorporated into synaptic AMPARSs by the age of P20.

0.6 ke Figure 17. AMPARs become
significantly more Ca2+ -
permeable  during callosal
development.

(A): IV relationship of the
amplitudes of evoked EPSCs

(|+40mV/|-90mV)

Rectification Index U0

recorded in OPCs in all age
groups. Each circle represents the
mean amplitude = SEM in the age
group, recorded at Vh = -90, -40,
0, +20 or +40mV, normalized to
the average amplitude recorded at
Vh = -90mV. Examples of the
average currents recorded at each

Fraction of CaP-AMPARSs o
. O
Fraction of CaP-AMPARSs

of the holding potentials in a single

T T
5 10 15 20 25
1/RI (-90/+40)

cell are above the means. P10:
n=9 OPCs, N=6 animals; P20
n=12, N=9; P50: n=10, N=9. (B):
Summary scatter-plot showing the rectification index (RI) of evoked EPSCs recorded at Vh = +40, normalized to currents at
Vh = -90, in cells from (A). Each circle represents the RI of one cell. Black diamonds represent group mean + SEM. Grey
dashed line represents the theoretical perfect, non-rectifying |-V relationship (RI = 0.44). Black horizontal bars link
significantly different groups. * = p<0.05; ** = p<0.01; *** = p<0.001, n and N are identical to (A). (C): Model of the
relationship between inverted rectification index (1/RI) and fraction of rectifying, Ca2+-permeable AMPARs (CP-AMPARs).
Colored circles represent average 1/RI for each experimental group plotted against the mean calculated CP-AMPAR fraction
+ SEM. (D): Summary of the fraction of CP-AMPARSs in all age groups, based on (C). Each circle represents the CP-AMPAR

58



fraction in one cell. Black diamonds represent group mean + SEM. Black horizontal bars link significantly different groups. * =
p<0.05; ** = p<0.01; *** = p<0.001, n and N are identical to (A).

Taken together with the single channel conductance, these results show that OPCs continue to
change their GIuA subunit expression throughout development. Despite similar mEPSC kinetics
across different age groups, there are fundamental differences in the properties of the AMPARSs, which
should lead to an overall increase in receptor conductance, higher than the one we highlighted in Fig.
16 G1-J. Changes in membrane resistance and various K* conductances are the most likely causes,
as they are well documented to occur during dendrite growth and maturation (Spruston et al., 2013).
Therefore, in the next step we investigated changes in the current responses to voltage commands

(current profile) and other membrane properties during OPC development.

4.3 Changes in the passive properties and current pattern of OPCs explain the lack
of differences in qEPSC properties

The rise times and the amplitudes of the EPSCs are influenced by various resistive and geometric
limitations imposed by the structure of a process. Passive and active K* and CI' conductances dampen
the signal while voltage-activated Na* and Ca?* channels recover and amplify the EPSCs. At neuronal
synapses it is well documented that magnitude and shape of the EPSCs can change dramatically
between the input location and soma, with the most distal synapses producing EPSCs with the largest
amplitudes, progressively filtered down as the signal travels towards the soma. Those relationships
are also true for OPCs where it was proved that Ca? signals recorded in the processes are modulated
by various types of K* channels (Sun et al., 2016).

The available literature suggests that callosal OPCs become increasingly hyperpolarized during
development and also increase K* and Na* current densities. Those changes could explain why the
increases in Ca* permeability and single channel conductance did not result in different mEPSC
kinetics or amplitudes across the different age groups. Therefore we investigated the passive
properties, Na*, K* A-type and K* steady-state current densities of OPC during callosal development in
search for the answers.

In line with the literature, we found that the passive membrane properties of OPCs changed
drastically during development. OPCs at P10 had a highest membrane resistance (Rn,) of 1907.88 +/-
217.95 MQ which strongly decreased at P20 to 420.53 +/- 44.30 MQ and continued to decrease to
reach 169.53 +/- 14.18 MQ at P50, an 8-fold change compared with P10 [Fig. 18A; P10 vs P20,
p=0.000000335; P10 vs P50, p=0.0000000164; P20 vs P50, p=0.0000124]. In line with the changes of
Rn, the resting membrane potential (V) of OPCs decreased from -69.21 +/- 2.89 mV at P10 to -
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87.787 +/- 0.828 mV at P20 to -92.76 +/- 0.46 mV at P50 [Fig. 18B; P10 vs P20, p=0.00000123; P10
vs P50, p=0.000000000902; P20 vs P50, p=0.0000000232]. Furthermore, the membrane capacitance
(Cm) of OPCs was significantly increased from 18.77 +/- 0.88 pF at P10 to 25.28 +/- 1.12 at P20 but
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Figure 18. Basic membrane properties of OPCs (Rn, Cn, Vi) change during callosal development while most voltage-
activated Na+, K+ channel currents do not.

(A): Comparison of membrane resistance (Rn) between experimental groups. Box plots represent 25th to 75th percentiles,
whiskers represent 10th and 90th percentiles and the black bar is median. Black horizontal bars link significantly different
groups. * = p<0.05; ** = p<0.01; *** = p<0.001. P10 group: n=34 in 27 animals. P20: n=38 in 33 animals. P50: n=27 in 25
animals. (B): Comparison of OPC resting membrane potential (V) between experimental groups, similar to (A). P10 group:
n=43 in 31 animals. P20: n=89 in 71 animals. P50: n=37 in 29 animals. (C): Comparison of OPC membrane capacitance (Cn)
between experimental groups, similar to (A). P10 group: n=34 in 27 animals. P20: n=38 in 33 animals. P50: n=27 in 25
animals. (D): Examples of OPC current responses to 11 incremental, 200ms long commanded voltage steps, increasing
every 10mV from V,, = -80mV. In red, representative example for P10 group. In green, representative example for P20 group.
In blue, representative example for P50 group. The examples are shown as recorded, without leak subtraction. The inset
highlights fast activating Na+ current, characteristic for OPCs. The leak current was subtracted from every step shown in the
inset. (E): Comparison of Na+ current responses to 11 incremental, 200ms long commanded voltage steps, increasing every
10mV from V, = -80mV. The leak current was subtracted from every step. Currents were normalized to cell capacitance
(shown in (D)). Box plots represent 25th to 75th percentiles, whiskers represent 10th and 90th percentiles and the black bar
is median. Black horizontal bars link significantly different groups. * = p<0.05; ** = p<0.01; *** = p<0.001. P10 group: n=34 in
27 animals. P20: n=38 in 33 animals. P50: n=27 in 25 animals. (F): Comparison of K+ A-type current responses to 11
incremental, 200ms long commanded voltage steps, increasing every 10mV from V, = -80mV, similar to (E). Currents were
normalized to cell capacitance. P10 group: n=34 in 27 animals. P20: n=38 in 33 animals. P50: n=27 in 25 animals. (G):
Comparison of K+ steady-state current responses to 11 incremental, 200ms long commanded voltage steps, increasing
every 10mV from V,, = -80mV, similar to (E). Currents were normalized to cell capacitance. P10 group: n=34 in 27 animals.
P20: n=38 in 33 animals. P50: n=27 in 25 animals.

remained stable at 25.42 +/- 1.52 pF at P50 [Fig. 18C; C..: P10 vs P20, p=0.000214; P10 vs P50,
p=0.000562; P20 vs P50, p=0.996] suggesting that decline in OPC number throughout development is
compensated for by an increase in the process structure of the remaining cells and that this
restructuring is largely complete by the third postnatal week.

Next, we analyzed the current patterns generated in response to 11 depolarization steps with
+10mV increments (A) from the holding potential of -80 mV, shown in Fig. 18D for the three (P10,
P20, and P50) ages. Typical current patterns of OPCs contain voltage-gated TTX-sensitive Na
currents, transient K currents with rapid activation and deactivation kinetics (A-type), and sustained K
currents with slow activation and deactivation (steady-state), when the leak (Rm) currents are
subtracted. The density of Na currents remained comparable between the P10 and P20 groups with
two differences at Vi, = -10mV and +30mV [Fig. 18E; p=0.0467; p=0.0308] but no consistent trend.
Surprisingly, P20 appeared as the group with the lowest Na, density and tested as different from P50
starting from V,, = 0 till V, = +10mV [Fig. 18E; p=0.0485, p=0.0317]. P10 and P50 tested as different
only at V, = +30mV [Fig. 18E; p=0.0372]. The inconsistencies in the trend suggest no change in

subunit composition of Na,s and are likely statistical fluctuations.
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However, the A-type K* channels followed a different pattern, where P10 OPCs showed a
consistently higher K* A-type density than P50 throughout all of the holding potentials [Fig. 18F; -40
to +30 mV, p=0.0000000301 to p=0.0258]. P10 OPC tested as having higher K* A-type density than
P20 only throughout the early V, of -40mV to -20mV [Fig. 18F; p=0.00154 to p=0.00979]. P20 and
P50 showed a similar trend, with P50 testing as consistently lower at Vi, = -40mV to -10mV [Fig. 18F;
p=0.000361 to p=0.0254]. Unlike with Na, density, P20 appeared to consistently remain between P10
and P50 groups suggesting continuous developmental downregulation of K* A-type channels.

The steady-stated K* currents observed after the K* A-type currents showed a pattern similar to K*
A-types: P10 cells had the highest density of K* steady-state currents among all groups up to V,, =
+30mV and tested as highly different from P50 OPCs throughout the V, [Fig. 18G; V, = -20mV to
+30mV; p=0.0229 to p=0.000198]. P10 and P20 groups remained statistically comparable regardless
of Vi, while P20 showed a significantly higher density of the currents from the earliest reasonably
detectable values at Vy,=-20mV to OmV [Fig. 18G; p=0.0320, p= 0.0226, p=0.0336].

Overall, those changes could explain why the increases in Ca?* permeability and single channel

conductance did not result in different mEPSC kinetics or amplitudes across the different age groups.

4.4 Response probability at the neuron-OPC synapses is preserved during callosal
development but short term plasticity of the synapses changes dramatically

Previously we established that the gEPSCs recorded at the OPC soma do not change significantly
with age despite a remarkable shift in the Ca?* permeability of OPC AMPARs and we discussed which
mechanisms are likely responsible for this lack of change. As such, our investigation thus far showed
that the first component of synaptic strength (I = pgN), quantal size (q), is preserved throughout CC
development by a combination of two opposing forces: substitution of AMPAR subunits by ones with
higher conductance, counterbalanced by increases in passive and active K* conductances. Next, we
looked into the second component of synaptic strength, release probability (p).
Neuronal literature shows numerous examples of developmentally driven changes to release
probability of central synapses. Based on the release probability most synapses in the CNS can be
divided into 2 subcategories, serving different functions: High-release probability synapses which
usually undergo short term depression (STD, as in the cerebellum), functioning as high fidelity
detectors of the initial input, which desensitize if the input is present repeatedly or low release
probability synapses undergoing potentiation, therefore functioning as detectors of repetitive or
periodic input. Currently very little is known about resp. prob. at neuron-OPC synapses during callosal
development. During adulthood the synapses tend to strongly potentiate and in gray matter may

display some characteristics of long term potentiation (LTP) upon repetitive stimulation.
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Figure 19. Response probability of EPSCs evoked in OPCs during train stimulation of CC changes during callosal
development.

(A): A schematic representing the principle of minimal stimulation. The drawing represents a single OPC process coming into
contact with 3 axons, forming 4 synapses. Stimulation voltage used to evoke EPSC responses during minimal stimulation is
low enough to activate a single axon (in orange). (B): Scatter plot of the response probability to the first stimulus in a train of
20 stimuli applied at 25Hz. Each circle represents one cell. Black bars represent group average + SEM. P10 (red): n=12 in
N=11 animals; P20 group: n=16 in N=15 animals; P50 group: n=8 in N=8 animals. None of the groups tested as significantly
different (One-way ANOVA, p=0.593). (C): EPSCs response pattern evoked by minimal stimulation of callosal axons with a
train of 20 stimuli applied at 25 Hz, compared between age groups. Each circle represents the probability to see a response
to a single stimulus for the age group. Labels, markings, n and N are identical to (B). The arrow points to the initial response
probability as plotted in (B). (D) — (F): Normalized response probability of EPSCs evoked by a train of 20 stimuli at 25 Hz
stimulation of callosal axons, compared between age groups. Each circle represents a normalized averaged probability to
see a response to a single stimuli recorded in a single OPC over 20-100 trials. Black circles represent group mean + SEM.
(D): n=15 OPCs in N=14 animals, recorded at P10; (E): n=23, N=18 at P20; (F): n=19, N=16 at P50. (G) — (l): EPSCs
response probabilities evoked by a train of 20 stimuli at 100 Hz stimulation of callosal axons, compared between age groups.
Each circle represents a normalized, averaged probability to see a response to a single stimuli recorded in a single OPC over
20-100 trials. Black circles represent group mean + SEM. (G): n=14, N=10 at P10; (H): n=19, N=14 at P20; (I): n=9, N=9 at
P50. (J): Summary of (D) — (F), EPSCs response pattern evoked by 20 stimuli at 25Hz, compared between groups: Each
circle represents the group mean + SEM. P10 in red, P20 in green, P50 in blue. * = p<0.05, P10 vs P50. + = p<0.05, P10 vs
P20. # = p<0.05, P20 vs P50. (K): Summary of (G) — (), EPSCs response pattern evoked by 20 stimuli at 100Hz, compared
between groups: Each circle represents the group mean + SEM. P10 in orange, P20 in lime, P50 in violet. * = p<0.05, P10 vs
P50. + = p<0.05, P10 vs P20. # = p<0.05, P20 vs P50. (L): Comparison of the response probabilities of EPSCs during 20
stimuli at 25 Hz and 100 Hz for the P10 group. The plots are identical to group means + SEM in (D) and (G). * = p<0.05. (M):
Comparison of the response probabilities of EPSCs during 20 stimuli at 25 Hz and 100 Hz for the P20 group.The plots are
identical to group means + SEM in (E) and (H). * = p<0.05. (N): Comparison of the response probabilities of EPSCs during
20 stimuli at 25 Hz and 100 Hz for the P50 group. The plots are identical to group means + SEM in (F) and (1). * = p<0.05.

We started by checking whether the initial p at single synapses changes during CC development.
We used minimal stimulation technique [see Fig. 19A], which allows for controlled activation of a
single axon (and presumably a single synaptic connection) over 50 to 150 trials to accurately judge
the initial release probability. We found an almost identical p of ~0.1 preserved at all investigated ages
[Fig. 19B; 0.0975 +/- 0.0140 at P10, 0.0956 +/- 0.0152 at P20, 0.0736 +/- 0.0186 at P50; p=0.593].
Next, we investigated whether any form of short term plasticity can be found at neuron-OPC synapses
and how it changes under two different stimulation paradigms: trains of 20 stimuli applied at 25 Hz or
trains of 20 stimuli applied at 100 Hz, both repeated every 20s for 20-50 repetitions.

In the youngest animals (P10) we observed a depression developing during the 20 at 25 Hz train
[Fig. 19D; -38.51 +/- 4.43%)], which was almost twice more pronounced during the 20 at 100Hz trains
[Fig.19G; -67.36 +/- 4.92%]). However, at P20 in the majority of cells we observed potentiation rather

than depression during both stimulation paradigms, although with different time-courses: During 20 at
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25 Hz trains p reached the peak ~3rd stimulus [Fig. 19E; +45.30 +/- 5.94%] and declined to roughly
half of that value by the end of the stimulation [Fig. 19H; stim. 20, +17.39 +/- 6.27%)]. During 20 stimuli
at 25 Hz trains p reached the peak ~3rd stimulus, more than doubling compared to the initial p [Fig.
19E; +134.98 +/- 13.59%] with a sharp decline afterwards but still remained potentiated [Fig. 19E;
stimulus 20, +26.34 +/- 11.33%)]. Interestingly, a very different pattern developed at P50 where during
20 stimuli at 25 Hz trains p continued to potentiate with subsequent pulses reaching a plateau
~stimulus 10 [Fig. 19F; +119.45 +/- 4.53%] and remained stable around that value till the end of the
stimulation [Fig. 19I; stimulus 20, +115.60 +/- 5.65%). At 20 at 100Hz changes in p partially replicated
the pattern observable at P20, with a peak ~3rd stimulus [Fig. 191; +98.22 +/- 15.71%] with a slightly
milder decline [Fig. 19F; stimulus 20, +38.51 +/- 13.04%)]. When we compared all of the experimental
groups, at 20 at 25 Hz the P10 time-courses were different from P20 and P50 throughout the entirety
of the stimulation, while P20 and P50 started to differ from stimulus 3 [Fig. 19J]. For the 20 at 100Hz
the P10 time-courses remained highly different from P20 and P50 throughout the whole stimulation
but the P20 and P50 groups did not test as consistently different [Fig. 19K].

When we compared the response probabilities during the trains we found consistent differences
between the stimulation paradigms in all of the groups [Fig. 19L-N; p=0.00299 to p=0.000000330 at
P10, p=0.0445 to p=0.0000000497 at P20, p=0.0131 to p=0.00000187 at P50]. This highlights the
critical importance of the neuronal activity pattern in the development of different forms of short term
plasticity at OPC synapses.

4.5 Priming of vesicular release changes during callosal development

Next, we investigated whether the onset of the vesicular release changed during development.
We reasoned that the changes we observed in release probability should be reflected in the priming of
the vesicles, resulting in a more reliable transmission with a decreased latency between the stimulus
and the triggered EPSC and reduced variance of the onset. We analyzed the latency within a 5ms
time frame from the start of the stimulation but due to heavy myelination of the callosal fibers resulting
in fast action potential conduction velocities we normalized all of the latency values to the first stimulus
in the trains, assuming they would be representative of the recovered vesicular pool at the presynapse
[Fig. 20A, B].

At P10 we found a progressive delay in the EPSC latencies developing within the 20 stimuli at 25
Hz trains, reaching a +0.625 +/- 0.115ms delay by the end of the train [Fig. 20C]. In contrast, P20
synapses showed a very different trend with a brief increase in release speed at the beginning of the
rain, -0.144 +/- 0.0899ms increase at stimuli 5, followed by a much milder delays, +0.150 +/-

0.0810ms at maximum, compared to P10, with P20 and P10 testing as highly different through most of
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Figure 20. During callosal development the timing of responses improves during train stimulation.

(A): An example of an averaged EPSC recorded in response to the first stimuli in a train, in a single P50 OPC. The black
dashed line represents the start of the stimulation (the stimulation artifact is removed for clarity). Grey dashed line and circle
represent the onset of the EPSC. Black arrows mark the time between the stimuli and the onset of the EPSC. (B): A set of
single EPSC with different amplitudes and onsets, triggered by the first stimuli in a train, recorded in 4 trials in a single P50
OPC, plotted together to highlight the variability in their timing. The black dashed line represents the start of the stimulation
(the stimulation artifact is removed for clarity). The gray arrowheads represent the time points of the EPSC onsets. (C): The
EPSC onsets measured throughout a train of 20 stimuli at 25Hz, compared between age groups. Each circle represents the
normalized group mean + SEM. P10 in red, n=15, N=14; P20 in green, n=23, N=18; P50 in blue, n=19, N=16. * = p<0.05,
P10 vs P50. + = p<0.05, P10 vs P20. # = p<0.05, P20 vs P50. (D): The EPSC onsets measured throughout a train of 20
stimuli at 100Hz, compared between age groups. Each circle represents the normalized group mean + SEM. P10 in orange,
n=14, N=10; P20 in lime, n=19, N=14; P50 in violet, n=9, N=9. * = p<0.05, P10 vs P50. + = p<0.05, P10 vs P20. # = p<0.05,
P20 vs P50. (E): A summary of EPSC onset variance throughout a train of 20 stimuli at 25Hz, compared between age
groups. Each circle represents the normalized group mean + SEM. P10 in red, n=15, N=14; P20 in green, n=23, N=18; P50
in blue, n=19, N=16. There were no significant differences between groups. (F): A summary of EPSC onset variance
throughout a train of 20 stimuli at 100Hz, compared between age groups. Each circle represents the normalized group mean
+ SEM. P10 in orange, n=14, N=10; P20 in lime, n=19, N=14; P50 in violet, n=9, N=9. There were no significant differences
between groups.

the stimulation [Fig. 20C; p=0.000128 to p=0.0452]. P50 synapses followed a trend very similar to the
one of P20 but after the initial onset alway showed increased release speed and never developed

delays [Fig. 20C; -0.205 +/- 0.0627ms at the fastest, -0.0290 +/- 0.0836ms by the end of the train].
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P50 and P10 were highly different almost throughout the whole train [Fig. 20C; p=0.0171 to
p=0.00000236]. P20 and P50 groups did not test as different at any point [Fig. 20C; p=0.0954 to
p=0.985].

Next, we compared the 20 pulses at 100 Hz trains and we received an almost identical result: At
P10 we found a similar progressively higher delay but much stronger than for 20 at 25 Hz trains,
reaching +1.409 +/- 0.0424ms at maximum. In addition, after the 10th stimulus responses became
exceedingly rare and erratic (as evident from the greatly increased variance), suggesting a depletion
of the pool of vesicles at the synapse [Fig. 20D]. To the contrary, in the P20 group we saw a pattern
similar to the one visible during 25 Hz stimulation, where after a brief decrease in the onset, -0.0974
+/- 0.0735ms at peak, much milder in comparison with P10, progressive delays appeared after
stimulus 6 [Fig. 20D; +0.0217 +/- 0.0982ms; +0.389 +/- 0.177ms at maximum]. P50 synapses, also
replicated a pattern comparable with 25 Hz, decreasing the time of the onset until stimulus 6 with -
0.165 +/- 0.0667ms latency, but eventually developing mild, progressive delays in the second half of
the train, reaching +0.236 +/- 0.103ms at maximum. As with the 25 Hz trains, P10 synapses were
highly different from P20 and P50 throughout the entire train [Fig. 20D; p=0.0000000512 to p=0.0418,
P10 vs P20; p=0.000000000260 to p=0.0302, P10 vs P50]. P20 and P50 groups were only different
incidentally at stimuli 10 and 13 [Fig. 20D; p=0.0242 and p=0.0223].

Finally, we analyzed the variance in the onset and we found an almost identical trend in all of the
groups for both stimulation paradigms [Fig. 20E, F]. The individual, significant differences appeared

highly incidental.

4.6 Changes in the short term plasticity indirectly translate into differences in the
magnitudes of evoked EPSCs at the neuron-OPC synapses

With no changes in q and the developmentally driven differences in the time-course of p we would
expect that the amplitudes of EPSCs evoked at the neuron-OPC synapses should follow a response
pattern very comparable with the time-course of p. Therefore to investigate this hypothesis we
measured the peak amplitudes of evoked EPSCs during both stimulation paradigms and compared
the time-courses between the groups.

We found that the time-courses of EPSC amplitudes during both stimulation paradigms had
similar shapes to the time-courses of response probability [Fig- 19] but, surprisingly, both depression
and potentiation were much more prominent for time-courses of eEPSCs amplitude than for the time-

courses of response probability. At P10 animals we observed that the depression during the 20 stimuli

67



A B c W'.T‘.m‘], N——
| Mi
L — |
D 100 E 200 F 300 e ®
5 = o8 ° P2020@25Hz T H
. = H =
= =2 - o s
§ o 5 § 100
£ £ £
S <] <]
= z z © P50 20@25Hz
100+ ‘ ‘ ‘ ‘ 10042 ; : )
0 5 10 15 20 5 10 15 20
Stimulus no. Stimulus no. Stimulus no.
G H |
L _
s K 200+
e ° = L e
IS o © P1020@100Hz & &
s 3 5
E £ =
o 9 i
£ £ £
o o o
z z =z
T T T 1 T T T T 1
0 5 10 15 20 5 10 15 20
Stimulus no. Stimulus no.
M N
400~ 20@25Hz e P10 e P20 e P50
*: p10 vs p50, p<0.05
= ANAAANAARAAANAAAAAN
g sSisetodictiodis ) +1p10vs p20, p<0.05
3 200 B A:p20 vs p50, p<0.05
% g oBgteellytliyss %
: ﬁ‘m ; .
5 5 o TN 0d [er=NY
2 ol 2 oqa it L N
) ; . 1 k”’)QOOO‘o'o fo0o00
0 5 10 15 20 0 5 10 15 20
Stimulus no. Stimulus no.
0] P Q
B0  w wkkkkkkkk ok kR kR kR ® 150+ * % dk kK kkk kkk 300 * kkkkkkkkk
N ©P10100Hz B g 150 speitetigd
s © P10 25Hz & 50 & %3
E -50- £ £ :
S S 2 E S
z "z z @ P20 25Hz LW 1 s < @ P50 25Hz
¥ P0e0,85008,00 © P20 100Hz Y »td © P50 100Hz
o-eBgo
-100 T T T 1 -50 T T T 1 T T T T 1
0 5 10 15 20 0 5 10 15 20 0 5 10 15 20
Stimulus no. Stimulus no. Stimulus no.

68



Figure 21. Response pattern of EPSCs evoked in OPCs during train stimulation of CC changes during callosal
development.

(A) — (C): Representative response patterns of EPSCs evoked in single callosal OPCs during a 20 stimuli at 25 Hz train
stimulation of callosal axons. Example shown is an average of 20-60 recorded traces. (A): P10 in red. (B): P20 in green. (C):
P50 in blue. (D) — (F): EPSCs response pattern evoked by a train of 20 stimuli at 25 Hz stimulation of callosal axons,
compared between age groups. Each circle represents a normalized average of EPSCs recorded in a single OPC over 20-
100 trials. Black circles represent group mean + SEM. (D): n=15 OPCs in N=14 animals, recorded at P10; (E): n=23, N=18 at
P20; (F): n=19, N=16 at P50. (G) — (I): Representative response patterns of EPSCs evoked in single callosal OPCs during a
20 stimuli at 100Hz train stimulation of callosal axons. Example shown is an average of 20-60 recorded traces. (A): P10 in
orange. (B): P20 in lime. (C): P50 in violet. (J) — (L): EPSCs response pattern evoked by a train of 20 stimuli at 100 Hz
stimulation of callosal axons, compared between age groups. Each circle represents a normalized average of EPSCs
recorded in a single OPC over 20-100 trials. Black circles represent group mean + SEM. (J): n=10, N=14 at P10; (K): n=19,
N=14 at P20; (L): n=9, N=9 at P50. (M): Summary of (D) — (F), EPSCs response pattern evoked by 20 stimuli at 25Hz,
compared between groups: Each circle represents the group mean + SEM. P10 in red, P20 in green, P50 in blue. * = p<0.05,
P10 vs P50. + = p<0.05, P10 vs P20. # = p<0.05, P20 vs P50. (N): Summary of (J) — (L), EPSCs response pattern evoked by
20 stimuli at 100Hz, compared between groups: Each circle represents the group mean + SEM. P10 in orange, P20 in lime,
P50 in violet. * = p<0.05, P10 vs P50. + = p<0.05, P10 vs P20. # = p<0.05, P20 vs P50. (O): Comparison of response
patterns between 20 stimuli at 25 Hz and 20 stimuli at 100Hz in the P10 age group. Labels and markings are identical to (M)
and (N). * = p<0.05. (P): Comparison of response patterns between 20 stimuli at 25 Hz and 20 stimuli at 100Hz in the P20
age group. Labels and markings are identical to (M) and (N). * = p<0.05. (Q): Comparison of response patterns between 20
stimuli at 25 Hz and 20 stimuli at 100Hz in the P50 age group. Labels and markings are identical to (M) and (N). * = p<0.05.

at 25 Hz train was almost twice more prominent for EPSCs than what we saw in resp. prob. [Fig. 21D;
stimulus 20, -70.37 +/- 2.29%; versus Fig. 19D; -38.51 +/- 4.43%], while retaining the same
continuous decline. Moreover, a similar but less pronounced effect was visible for the 20 at 100Hz
trains, where EPSC amplitudes declined by -89.65 +/- 2.13% by the end of the train (Fig. 21J
compared with Fig. 19G; -67.36 +/- 4.92%). EPSCs in the adolescent, P20 animals reached peak at
the same stimulus as what would be expected from the resp. prob. distribution but potentiated
stronger [Fig. 21E; +82.57 +/- 9.65%, versus Fig. 19E; +45.30 +/- 5.94%] and declined more by the
end of the train [Fig. 21E; stim. 20, +10.24 +/- 6.39%, versus Fig. 19E; +17.39 +/- 6.27%) but still
remained potentiated throughout the stimulation. This trend was different for the 20 at 100Hz trains
which peaked at +114.01 +/- 14.10% [Fig. 21K versus Fig. 19H; +134.98 +/- 13.59%] and eventually
depressed to -21.44 +/- 9.51 at stimulus 20 [Fig 21K versus Fig. 19H, +26.34 +/- 11.33%]. At P50 we
saw yet again that EPSCs reached a plateau ~stimulus 10 during 20 at 25Hz trains but with a slightly
higher value than for resp. prob. [Fig. 21F, +154.82 +/- 7.21% versus Fig. 19F; +119.45 +/- 4.53%].

For the 20 at 100Hz trains the amplitudes reached the peak at the same stimulus as what would be
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Figure 22. During callosal development neurotransmitter release at OPC synapses becomes more synchronized.

(A): 3 examples of EPSCs evoked in a P50 OPC by a train of 20 stimuli at 25Hz, with the whole 800ms stimulation shown. In
turquoise the phasic part of the response (first 5ms post-stimulus) and in black the asynchronous part of the response (>5ms
to 40ms post-stimulus). (B): The mean fraction (%) of the number of EPSCs evoked by a train of 20 stimuli at 25Hz (800ms),
binned every 5ms in the P10 age group. Each colored bar represents the ratio of EPSC every 5ms to the total number of
EPSCs within 800ms of the train. The black triangle is the summed percentage of EPSCs in the asynchronous part of the
response (>5ms, <40ms). The gray diamond is the summed percentage of all EPSCs triggered by a single stimulus (40ms).
(C): The same as (B) for the P20 age group. (D): The same as (C) for the P50 age group. (E): The sum of EPSC amplitudes
evoked by a train of 20 stimuli at 25Hz (800ms), binned every 5ms in the P10 age group. Each colored bar represents the
sum of EPSC amplitudes every 5ms divided by the total sum of all EPSC amplitudes within 800ms of the train. The black
triangle is the sum of EPSC amplitudes in the asynchronous part of the response (>5ms, <40ms). The gray diamond is the
sum of all EPSC amplitudes triggered by a single stimulus (40ms). (F): The same as (E) for the P20 age group. (G): The
same as (E) for the P50 age group.

expected from the resp. prob. distribution [Fig. 21L; +91.45 +/- 10.37% versus Fig. 191; +98.22 +/-
15.71%] but declined a little more sharply [Fig. 21L; stimulus 20, +27.77 +/- 17.3 versus Fig. 19I;
+38.51 +/- 13.04%], while remaining potentiated. Therefore we can conclude that while P50 animals
had the smallest differences in time-courses of resp. prob. and EPSCs, the P10 animals had the
largest. When we compared all of the experimental groups, at 20 at 25 Hz the P10 time-courses (the
same as for resp. prob.; Fig. 19D-F, J-K) were different from P20 and P50 throughout the entirety of
the stimulation, while P20 and P50 again started to differ from stimulus 3 [Fig. 21M].

For the 20 at 100Hz the P10 time-courses remained highly different from P20 and P50 throughout
the whole stimulation and the P20 and P50 groups (in contrast to resp. prob. time-course) started to
test as consistently different from stim. 5 [Fig. 21N]. Interestingly, not only were the groups different
from each other but the response patterns also tested as having different progression when we
compared the 20 at 25 Hz and 20 at 100 Hz stimulations within the groups [Fig. 210-M; p=0.0362 to
0.00000000197 at P10, p=0.0201 to p=0.0000000780 at P20, p=0.0122 to p=0.00000000151 at P50],
similar to corresponding trends in Fig. 19 but with stronger effects, both for depression and
potentiation.

4.7 During callosal development OPC-neuron synapses increase reliability of
transmission and decrease asynchronicity of release

The effects visible in eEPSC amplitudes [Fig. 21] are larger than ones seen in response
probability [Fig. 19], which implies (in STD synapses) either lower number of synapses activated per
stimulus or the desynchronization of the inputs. In STP synapses each subsequent stimulus either

recruits more synapses or inputs synchronize better. Our analysis of changes to EPSC onsets during
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stimulation shows that desynchronization/synchronization does happen. Therefore, to test the
contribution of those effects to the total synaptic transmission we looked into the % of eEPSCs and the
sums of eEPSC amplitudes during the whole length of a train (800ms) subdivided into 5ms blocks.
[Fig. 22].

First, let's consider the number of EPSCs during the train. Due to differences in the number of
synapses in each OPC we divided the number of EPSC every 5ms by the total number of EPSCs
within the train. The first clear trend visible in all of the groups is the huge disparity between the
number of EPSCs triggered within 5ms of the stimulus (synchronous, synEPSC) and the EPSCs
triggered with a delay (>5ms, desynchronized, deEPSC). All of the deEPSCs combined throughout the
whole train make 36.297% of the total EPSCs at P10, 25.194% at P20 and 16.530% at P50, but only
15.564% directly after the first stimulus (first 40ms) at P10, 11.923% at P20 and just 5.844% at P50
[Fig. 22B-D]. In all of the groups the desynchronization increases with successive stimuli, reaching
48.038% at P10, 35.256% at P20 and 26.441% at P50, roughly 3-4 times higher than the initial
number. Interestingly, the groups were only statistically different within the first 10 ms after each
stimulus, suggesting that strongly desynchronized release is so rare that it can be considered of low
importance. Most strikingly, when both synchronous and asynchronous release is considered together
the P10 OPCs show a much lower degree of depression than what we reported in Fig. 19D. P20 cells
showed a very mild continuous potentiation while P50 cells potentiated continuously and clearly
(compare with Fig. 19E, F). This points to ongoing desynchronization of vesicular release as a
powerful component of short term plasticity.

Next, we looked into the amplitudes of the EPSCs to see whether the input summation is
changing during development. Signals from different synapses must be efficiently integrated to
become meaningful for a cell, therefore an increase in the number of EPSC would amount to merely
an increase in the noise if those signals are not sufficiently large to have biological effects. To account
for that we summed the amplitudes of all EPSCs released within the 5ms time windows and divided
the number by the total sum within the train. The outcome was similar to the previous analysis [Fig.
22B-D] but progressing closer to the trends we saw in Fig. 21. deEPSCs amplitudes combined
throughout the whole train make 27.187% of the total EPSCs at P10, 16.445% at P20 and 8.726% at
P50, but 9.406% at P10, 6.499% at P20 and 3.132% at P50 after the first 40ms. In all of the groups,
with successive stimuli we observed a progressive desynchronization (as in Fig. 22B-D), but the
fractions of total amplitudes were lower [Fig. 22 E-G], 33.375% (compared to 48.038%, Fig. 22B) at
P10, 24.275% (35.256%, Fig. 22C) at P20 and 13.149% (26.441%, Fig. 22D) at P50, highlighting that
the desynchronized EPSC have either lower initial amplitudes and/or do not properly integrate. This

conversely would mean that the early synaptic transmission (shortly after a stimulus) is much better
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synchronized between different inputs. Surprisingly, the groups were only consistently statistically
different within the first 5 ms after each stimulus, meaning that desynchronized release is rare and

does not change significantly during CC development.
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Figure 23. The number of release sites at OPC synapses does not change over callosal development.

(A): Amplitudes of EPSCs evoked in a single P20 OPC by stimulation of increasing strength, from 30V to 100V in +A10V
increments. Each circle represents a single eEPSC amplitude, black bars represent the mean per stimulation strength. The
dashed, gray line represents the maximum average amplitude reached by the end of the stimulation (70V-100V) and is
considered to activate all synaptic connections (maximal stimulation). (B): Example eEPSCs recorded during maximal
stimulation compared with an averaged quantal gEPSC from the same cell. The averaged qEPSC is in orange, eEPSCs are
in gray, all with the same scaling. The black dashed line represents stimulus artifacts (blanked for clarity). (C): A histogram of
all eEPSCs recorded during maximal stimulation in (E), scaled to the averaged qEPSC from the same cell (Q maxEPSC / Q
qEPSC), used as an estimation of the released neurotransmitter vesicles during stimulation of multiple axons. The red line is
the best fit of a log normal function to the skewed distribution. The black arrow points to the largest number of vesicles
released during the stimulation (~15 vesicles). (D): The maximum number of vesicles released during maximal stimulation,
compared between the age groups. Each circle represents the maximum in a single cell, black bars represent group mean +
SEM. P10 in red, n=27 cells; P20 in purple, n=40; P50 in blue, n=29. (E): The median number of vesicles released during
maximal stimulation, compared between the age groups. Each circle represents the median of a single cell, black bars
represent group mean + SEM. P10 in red, n=27 cells; P20 in purple, n=40; P50 in blue, n=29.

4.8 The number of synaptic release sites does not change during callosal
development
Lastly, we investigated whether the final component of synaptic strength, the number of release

sites (N) changed during callosal OPC development. We probed the number of N by applying the
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following paradigm: with increases in the stimulation strength more axons and therefore more
synapses can be recruited to participate in the evoked EPSCs, resulting in gradual increase in EPSC
charge/amplitude with increased stimulation strength. However, at a certain strength all available
synapses are recruited and increase in stim. strength no longer produces increases in EPSC
charge/amplitude [maximal stimulation is reached, Fig. 23A]. Moreover, all of the evoked EPSC
charges can be scaled to the gEPSC charge from the same cell giving an estimate of the number of
NT vesicles released. Assuming 1 vesicle released at a synapse per single stimuli, with sufficient
number of repetitions the maximum N can be estimated from the distribution [Fig. 23B, C].

We found no significant differences in the maximum [Fig. 23D; p = 0.545; 12.702 +/- 1.518 at
P10, 14.734 +/- 1.589 at P20, 15.630 +/- 2.265 at P50] or median [p = 0.229; 2.556 +/- 0.410 at P10,
2.517 +/- 0.337 at P20, 3.207 +/- 0.427 at P50] number of vesicles released during maximal
stimulation therefore, presumably, also no differences in N.

4.9 During callosal development OPC increase in size with a complimentary
increase in the number of branches but do not grow additional processes

The early works discussing OPC morphology focused mainly on general morphology with few
measurements, mostly focusing on general appearance, number of processes and process length.
Therefore first we focused on analyzing the general morphology of the cells. We counted the number
of processes, process length, number of branches, branch length, number of br. points and endings.
Our data show no significant differences in the overall number of processes between groups [Fig 24B;
20.15 £ 2.19 at P10; 20.33 + 2.17 at P20; 16.62 + 1.76 at P50; p=0.357]. However, the total length of
the process structure increased by 33.07 + 13.24% at P20 and by 27.62. + 13.51% at P50 (compared
to P10). P20 and P50 were not significantly different [Fig. 24C; 1340.44 + 92.34 at P10; 2002.62 +
152.94 at P20; 1851.85 + 132.65; P10,P20 p=0.002; P10,P50 p=0.020; P20,P50 p=0.790]. The
increase in process length could come from multiple possible mechanisms: the elongation of existing
branches or an increase in the number of branches at each process or a combination of both. To test
this we checked whether the branches, branch length, br. points or endings [Fig. 25C] changed in
numbers. We found an increase in the number of branches [Fig 25E; 498.54 + 36.22 at P10; 725.67
70.36 at P20; 674.69 + 40.54 at P50; P10 vs P20 p=0.009; P10 vs P50 p=0.048; P20 vs P50
p=0.855], no. of endings [Fig 2G; 277.54 + 20.30 at P10; 396.67 + 38.75 at P20; 367.23 + 21.72 at
P50; P10 vs P20 p=0.013; P10 vs P50 p=0.074; P20 vs P50 p=0.835] and br. points [Fig 25H; br.
points: 221.00 + 16.13 at P10; 328.92 + 31.70 at P20; 307.46 + 18.88 at P50; P10 vs P20 p=0.006;
P10 vs P50 p=0.029; P20 vs P50 p=0.880] of ~30%, closely following the change in process lengths.
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Figure 24. Callosal OPCs display greatly diverse morphologies at all investigated ages.

(A): Maximum intensity projection of a P10 OPC (left) and corresponding tracing (right). A young, very flat OPC with clearly
distinct processes of mostly similar length. Each process is labeled with a different colour. Soma outline is in purple. (B):
Similar to (A), a P10 OPC and corresponding tracing. In contrast to (A), this young OPC has 3 large, massive processes
(green, orange, red) and multiple much shorter ones. (C): Similar to (A), a P20 OPC and corresponding tracing. Please note
a remarkable change in the length of processes when compared with both P10 cells. This cell has multiple processes of
comparable length which frequently intermingle. Soma outline in yellow. (D): Similar to (C), a P20 OPC and corresponding
tracing. Please note irregular shape of the soma and the lack of bipolar morphology with an unusual asymmetry of process
distribution. This cell has only 3 large processes (violet, pink, orange) but localized only at the top-right side from the soma.
The left-bottom side has only short processes. Soma outline in orange. (E): Similar to (A), a P50 OPC and corresponding
tracing. The cell does not have bipolar morphology (although soma is oval and regular) and seems to be selective towards
the direction of it's processes, as in (D). In addition, clear gaps in the process coverage of the surrounding brain parenchyma
are visible. Soma outline in pink. (F): Similar to (E), a P50 OPC and corresponding tracing. This cell has processes strongly
aligned with callosal axons. Soma outline in pink.
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Figure 25. During development OPCs increase the size but not the number of processes, with a complimentary
increase in the number of branches, br. points and endings.

(A): An example of an OPC without a bipolar morphology. Each process is labeled with a different color. Note the large
diversity in process length and branching and the uneven space filling of the processes. The inset shows 3 tiny filopodial
processes; larger processes were removed from the inset for clarity. (B): Comparison of the total number of processes per
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cell. All processes in an individual cell were counted regardless of their length or branching. Each circle represents the count
in one cell. Black diamonds represent group average + SEM. Statistically significant differences are highlighted by horizontal
bars, *=p<0.05, **=p<0.01. P10 group: n=13 in 7 animals; P20 group: n=12 in 8 animals; P50 group: n=13 in 8 animals. The
same labeling and n,N numbers apply to other graphs in this figure. (C): Total length of all processes within each cell,
compared between age groups. (D): Schematic drawing of a single process. The origin of the soma is represented by a large
red circle. Small violet circles represent branching points of the process. Blue triangles point towards process endings. A
branch is a part of the process between a branching point and another branching point or an ending. An example of a branch
is marked by an orange semi-box. (E): Total number of branches within each cell, compared between age groups. Branches
are counted regardless of process length or branching. (F): Average length of a single branch per cell, compared between
groups. (G): Total number of endings in each cell, compared between groups. (H): Total number of branching points in each
cell, compared between groups. (l): The ratio of bifurcations among all branching points, compared between groups.

Intriguingly, the average length of branches remained very similar [Fig 25F; 2.729 + 0.136 at P10;
2.832 + 0.124 at P20; 2.775 + 0.142; P10 vs P20 p=0.934; P10 vs P50 p=0.946; P20 vs P50 p=0.948].
Moreover, the ratio of bifurcations among the br. points remains equally stable [0.853% + 0.93 at P10;
0.873% * 0.85 at P20; 0.872% + 0.54 at P50; one-way ANOVA p=0.152], suggesting that the

branching pattern might be developmentally preserved.

4.10 During callosal development OPCs increase in size but maintain comparable
process density within their domain

In the previous section we described the general morphology of OPCs but without investigating
how the processes fill the cell domain and we suggested preservation of branching pattern. To test
this, we used Sholl analysis which is a well-established technique to compare branching and the
distribution of processes (Sholl, 1953).

For this analysis we drew a set of concentric shells spanning over the whole volume occupied by
each OPC, with the center of each shell located at the centroid of the soma. The spacing between the
shells was set to 2.5um [Fig. 26A, also see Materials and Methods] to roughly match the average
branch lengths [Fig. 25F]. In the classical analysis the number of intersections between the process
skeletons (single-pixel approximations preserving lengths but ignoring local thickness) is used to
evaluate how the structure changes with increasing distance from the soma [Fig. 26A]. The shells
partition the brain parenchyma into volume compartments, allowing quantification of branching points
or endings as well as lengths of branches caught within a compartment [Fig. 26B]. The method,
however, has certain assumptions and limitations: First, while the measurement is fully 3-Dimensional,
it assumes that the process expansion in all possible directions is equally likely, therefore functional or
micro-environment driven asymmetries, changes in cell polarity or gaps within the cell domain (such

as processes avoiding blood vessels or being selective towards a direction) are ignored. In addition,
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all differences in the structure, length or volume of individual processes are also ignored. Finally, the
order in which the processes branch is also ignored.

First, we looked into the number of intersections plotted against the distance from the soma [Fig.
26C]. We found that up to the distance of ~17.5 um from the center of cell soma the number of
intersections was similar between the age groups [Fig. 26C; one-way ANOVA p=0.111-0.808].
Furthermore, in all of the groups the intersections reached the peaked at the distance of ~15 + 2.5 ym
and declined thereafter [Fig. 26C; 39.154 + 2.275 at P10; 52.167 + 6.882 at P20; 44.769 + 5.876 at
P50; one-way ANOVA p=0.268]. The first significant differences between groups were visible at the
distance of ~20 um, where the number of intersections in the P10 group declined rapidly, while
remaining stable for both P20 and P50 cells [Fig. 26C; 26.539 + 3.010 at P10; 52.500 + 5.373 at P20;
43.615 + 4.509 at P50; P10 vs P20, p=0.000543; P10 vs P50, p=0.0160; P20 vs P50, p=0.161].
Afterwards, within the next 5 um both P20 and P50 OPCs also showed a fast progressing decline. The
P50 cells remained significantly different from the P10 cells almost throughout the whole remaining
distance range, up to the last detected intersections ~55 pm. On the other hand, P20 cells were
different from P10 only throughout the distance of ~20-30 pm. Afterwards the P20 distribution
remained statistically similar to P10, but became different from P50 [Fig. 26C], suggesting that P50
cells are more elongated.

Next, we looked into the process lenghts and the number of br. points and endings in the
volumetric compartments generated by Sholl shells [Fig. 26B]. All of the distributions closely followed
the distribution of intersections [Fig. 26D-F], peaked at the distance of ~15 + 2.5 ym (17.5 £ 2.5 ym for
endings, Fig. 26F) and tested as different throughout the same distance ranges. Moreover, the overall
shape of the distributions were comparable. Branch lengths at peak [Fig. 26D]: 180.854 + 11.897 at
P10; 241.158 + 32.382 at P20 (but note the high variability); 189.031 + 22.039 at P50; P10 vs P20
p=0.209; P10 vs P50 p=0.801; P20 vs P50 p=0.229. No. of br. points at peak [Fig. 26E]: 30.923 +
2.908 at P10; 39.583 + 5.226 at P20; 31.923 + 3.529 at P50; P10 vs P20 p=0.345; P10 vs P50
p=0.857; P20 vs P50 p=0.345. No. of endings [Fig. 26F]: 35.3077 + 3.46111 at P10; 43.9167
5.79637 at P20; 32.2308 + 3.29560 at P50; P10 vs P20 p=0.301; P10 vs P50 p=0.607; P20 vs P50
p=0.174.

4.11 The order of branches on a process is developmentally preserved

As we pointed in the previous section (4.10) Sholl analysis ignores the structure and the position
of branches of a process by focusing only on the distribution in space. Therefore, we decided to
investigate whether the order of branches, or their number and length related to the order, change

during development. The assumptions during the analysis are almost the opposite of Sholl's: the loca-
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Figure 26. During development OPCs preserve the process density within the inner part of the cell domain but
increase the density in its outer reaches.

(A): Example of Sholl analysis: a set of concentric shells (represented in 2D as circles), spaced every 2.5um, is positioned
over the centroid of a soma. Then, the number of intersections between the process and each of the shells is counted and
plotted against the shell’'s distance from the soma (radius). In the example each consecutive shell has a different color.
Arrowheads point to intersections with the specific shell. Bottom left: a summary of the number of intersections of the process
with each shell. (B): The shells partition brain parenchyma into volumetric compartments and allow the measurement of
structure lengths and/or the number of sub-structural elements contained within the shells. In the example arrows show a
shell spun between 2 shells (in orange) singled for the analysis. The length of the process, the number of branching points or
endings contained in the checked area (volume) is then measured and plotted against the upper radius of the shell range
(i-e.: 30um = 27.5um to 30pm). (C): Comparison of the number of intersections with shells spaced every 2.5um. All points on
the graph represent group averages + SEM; P10 in red, P20 in green, P50 in blue. Significant differences are marked with °
for P10 vs P20 comparisons; * for P10 vs P50 comparisons; * for P20 vs P50 comparisons. °,*," = p<0.05; °°,**,** = p<0.01.
P10 group: n=13 in 7 animals; P20 group: n=12 in 8 animals; P50 group: n=13 in 8 animals. (D): Comparison of the length of
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processes within shells spaced every 2.5um. Data is plotted against the upper radius of the shell range (i.e.: 30ym = 27.5um
to 30pm). The labeling, n numbers and plotting radius are identical to (C). (E): The same as (D) for the number of branching
points within shells. The labeling, n numbers and plotting radius are identical to (C). (F): The same as (D) for the number of
endings within shells. The labeling, n numbers and plotting radius are identical to (C).

-tion in space is ignored and only the position on the process is treated as relevant, the directions of
the branches are ignored as well. However, with the method we can trace the lengths and numbers of
the new “building blocks” as they are appearing on the process. We used centrifugal ordering
paradigm (see Materials and Methods).

First we looked into the number of branches per order. The P10 peaked at branch order 6 [Fig.
27C; 48.846 * 2.396], after which the P10 group distribution declined. The P20 and P50 distributions
peaked a little later, at order 7 [Fig. 27C; 59.917 + 5.610 at P20; 59.077 + 5.454]. After order 7 both
distributions started to decline. Afterwards, the P20 an P50 distributions became indistinguishable
from each other [Fig. 27C; p=0.067 to p=0.999], and continued to decline at a similar rate. The
statistical differences first appeared at order 9, where the P10 group tested as different from both P20
and P50 [Fig. 27C; 38.6154 + 2.68791 at P10; 54.1667 + 5.93377 at P20; 55.3846 + 4.45999; P10 vs
P20 p=0.0395; P10 vs P50 p=0.0327; P20 vs P50 p=0.850]. Interestingly, the slope of the decline
remained very comparable between the groups.

As the next step, we sought to investigate whether there might be any possible changes in the
branching pattern. We looked into the ratio of bifurcations among the br. points (as in 4.9), plotting it
against br. order. We found that throughout development the ratios remained very conservative,
starting ~0.85 at order 1 [Fig. 27D; 0.801 + 0.0338 at P10; 0.864 + 0.0353 at P20; 0.880 + 0.0231 at
P50] and continuing to ~0.90 [0.913 + 0.0278 at P10; 0.893 + 0.0271 at P20; 0.904 + 0.0218 at P50]
at order 13, where the measurements become unreliable due to very low branch numbers. The
distributions were not significantly different at any point [p=0.0570 to p=0.898]. There is a small but
insignificant [Fig. 27D; order 1 vs order 13; at P10 p=0.0717; at P20 p=0.329; at P50 p=0.255]
increase in the ratio of bifurcations with ascending orders but between the groups the distributions are
almost indistinguishable [p=0.0570 to 0.898].

Next we investigated whether there is any distinguishable pattern in the lengths of branches. We
did not find differences in the average branch lengths. The longest branches can be found at the very
beginning of the process, slowly decreasing in length with each new br. point. The order 1 branches
start at ~3.3 pym (on average) [Fig. 27E; 3.081 + 0.176 at P10; 3.467 + 0.270 at P20; 3.300 + 0.228]
while the final ones at order 13 are almost 30% shorter [2.182 + 0.188 at P10; 2.471 + 0.111 at P20;
2.504 £+ 0.172 at P50].
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Figure 27. The number of process branches changes but their properties are preserved during development.

(A): Single process with each branch colored in accordance to its position on the process (branch order). The color code
used in this figure, figure (B) and (F) is the same and is shown to the right of the process. Soma is labeled in red. (B):
Reconstruction of a whole OPC with each branch colored in accordance with its position on the process. (C): Comparison of
the number of branches at each branch order. All points on the graph represent group averages + SEM. Significant
differences are marked with ° for P10 vs P20 comparisons; * for P10 vs P50 comparisons. °,* = p<0.05; °°,** = p<0.01. There
were no significant differences between P20 and P50 groups. P10 group: n=13, N=7; P20 group: n=12, N=8; P50 group:
n=13, N=8 animals. The same labeling, n and N numbers apply to other graphs in this figure. (D): Comparison of the fraction
of bifurcations at each branch position. (E): The average length of a single branch at each branch position. (F): Relationship
between position on the process and branch’s distance from cell soma. Branches from the cell shown in (B) are separated by
their order and plotted against distance between their origin point and the centroid of the soma. All branches of order 15 and
higher are plotted together as 1 category. Black bar shows the median. (G): Comparison of the relationship between branch
position and distance from the soma. At each order the branch distance to soma is binned into 2.5um categories generating
a histogram. Those histograms are plotted in an ascending order with the peak of the histogram colored white, zeroes
colored black.

Finally, we combined this analysis with Sholl analysis to visualize where the branches of
ascending orders can be found. We calculated the straight line distance of each br. point to the
centroid of the soma of the cell and plotted those distances against the points’ order. The plot in Fig.
27F shows this being done for the cell in Fig. 27B, with the same color code. The distributions were
very comparable across the age groups, showing an almost linear relationship between the order and
the distance from the soma [Fig. 27G]. As expected, high-order branches of P20 and P50 OPCs were
located at the outer parts of the cell domain [Fig. 27G]. The P50 group seems to have the highest
variability in the location of the branches of orders 13+, consistent with their higher number of
intersections at the furthest Sholl radii. Interestingly, based on the results it seems unlikely that the
branches trace backwards towards the soma, explaining the lack of higher-order branches in the
soma proximity. It appears that the branches of large processes tend to face outwards and sideways

with smaller processes or the early branches occupying the perisomatic space.

4.12 OPC processes show preferential alignment with the lateral-medial anatomical
axis and avoid aligning with the dorsal-ventral direction

During development corpus callosum continues to grow but the volume gain is not uniform. The
changes in callosal growth likely influence OPC morphology therefore we investigated whether there
is any preference in the alignment of branches with anatomical axes. The most common way of
describing directions in 3D is by utilizing the spherical coordinate system where the direction is given
by two angles: a polar angle ¢ defined for x,y plane and an azimuth angle 6 corresponding to z axis,

perpendicular to both x and y (see Materials and Methods, 3.18).
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Figure 28. OPC processes preferentially align with and have longer branches when facing the medial-lateral over the
dorsal-ventral body axis.

(A): Medial-lateral and dorsal-ventral axes mapped onto a spherical coordinate system correspond to the x and y axes
(colored red) and the planar angle @ between those axes. Please note that the elevation angle 6 is ignored in this analysis.
(B): Example of a cell in the coronal view with angular values of ¢ added. Perfect alignment with the medial-lateral axis
occurs when the value of ¢=0°. Perfect alignment with the dorsal-ventral axis occurs when the value of ¢=90°. (C): Inset from
(B), enlarged part of the process with the ¢ values for 2 different branches. The direction of a branch is approximated by the
direction of a vector spun between the beginning and the termination of the branch. Tortuosity of the branch is ignored. The
Color of the vector corresponds to the color of the ¢ measurement. (D): Distribution of branches in alignment with medial-
lateral or dorsal-ventral axes in the P10 age group. ¢ values are binned every 15° and plotted as a fraction (%) of all ¢ values
measured per cell. Each red circle represents a % of @ values per 15° category in an individual cell. Black circle represents
the group average, n=13, N=7 animals. (E): The same as (D) for the P20 age group, n=12, N=8 animals. (F): The same as
(E) for the P50 age group. n=13, N=8 animals. (G): The average length of branches in alignment with medial-lateral or
dorsal-ventral axes in the P10 age group. ¢ values are binned every 15° and branch lengths within each category are
averaged. Each red circle represents the length of branches within a 15° category, measured in an individual cell. Black circle
represents the group average, n=13, N=7 animals. (H): Similar to (G) for the P20 group, n=12, N=8 animals. (l): Similar to
(G) for the P50 group, n=13, N=8 animals. (J): Summary of % of branches in alignment with medial-lateral or dorsal-ventral
axes in all age groups. P10 in red, P20 in purple, P50 in blue. Each circle represents the group average + SEM. Binning and
fractions are identical to (D) — (E). (K): Summary of the lengths of branches in alignment with medial-lateral or dorsal-ventral
axes in all age groups. P10 in red, P20 in purple, P50 in blue. Each circle represents the group average + SEM. Binning and
fractions are identical to (G) — (I).

First we investigated how many branches faced lateral-medial axis and dorsal-ventral axis [Fig.
28A-C]. The values were normalized to the total number of branches in each cell and averaged for the
group. In all investigated ages, the largest number of branches was closely aligned with the lateral-
medial axis (0°-15°). The P10 and P20 had comparable distributions, both with significantly less
branches than P50 OPCs [Fig. 28D-F, J; 21.7065 + 1.753% at P10; 21.9833 + 0.985% at P20;
27.0575 + 1.618% at P50; P10 vs P20 p=0.899; P10 vs P50 p=0.0472; P20 vs P50 p=0.0482]. The
more the branches misaligned with lateral-medial axis the lower was their number, reaching a
minimum for branches aligned with dorsal-ventral axis (75°-90°). P50 OPCs had the lowest number of
branches with dorsal-ventral axis alignment but only significantly different from P10 cells [Fig. 28D-F,
J; 14.3698 + 0.838% at P10; 13.4630 = 0.712% at P20; 11.8987 + 0.454% at P50; P10 vs P20
p=0.360; P10 vs P50 p=0.0421; PO vs P50 p=0.223].

Next, we investigated whether different process alignment has any influence on the lengths of the
branches. Contrary to the counts, we found no statistical differences in branch lengths, except for
branches closely aligned with the dorsal-ventral axis (75°-90°) where P50 cells had significantly
shorter branches when compared with the P20 cells [Fig. 28G-l, K; 2.360 + 0.0959um at P10; 2.403 £
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Figure 29. OPCs show preference for but no change in branch length while facing the anterior-posterior body axis.
(A): Anterior-posterior axis mapped onto a spherical coordinate system corresponds to the z axis (colored red) and the
elevation angle 6. Please note that the planar angle ¢ is ignored in the analysis. (B): Example of a cell in a sagittal view with
angular values of 8 added. Perfect alignment with the anterior-posterior axis occurs when the value of 8=0°. The inset is
enlarged in C. (C): Inset from (B), enlarged part of the process with the 6 values for 2 different branches. The direction of a
branch is approximated by the direction of a vector spun between the beginning and the termination of the branch. Tortuosity
of the branch is ignored. The color of the vector corresponds to the color of 8 measurement. (D): Distribution of branches in
alignment with anterior-posterior axis in the P10 age group. 8 values are binned every 15° and plotted as a fraction (%) of all
6 values measured per cell. Each red circle represents a % of 6 values per 15° category in an individual cell. Black marker
represents the group average, n=13, N=7. (E): Similar to (D) for the P20 age group, n=12, N=8. (F): Similar to (D) for the P50
age group, n=13, N=8. (G): The average length of branches in alignment with the anterior-posterior axis in the P10 age
group. 6 values are binned every 15° and branch lengths within each category are averaged. Each red circle represents the
length of branches within a 15° category, measured in an individual cell. Black circle represents the group average. (H):
Similar to (G) for the P20 age group, n=12, N=8. (l): Similar to (G) for the P50 group, n=13, N=8. J): Summary of % of
branches in alignment with anterior-posterior axis in all age groups. P10 in red, P20 in purple, P50 in blue. Each circle
represents the group average + SEM. Binning and fractions are identical to (D) — (E). (K): Summary of the lengths of
branches in alignment with anterior-posterior axis in all age groups. P10 in red, P20 in purple, P50 in blue. Each circle
represents the group average + SEM. Binning and fractions are identical to (G) — (I).

0.118um at P20; 1.961 + 0.0786um at P50; P10 vs P20 p=0.761; P10 vs P50 p=0.0138; P20 vs P50
p=0.0110]. We investigated this phenomenon further by calculating a ratio of lengths for dorsal-ventral
aligned versus medial-lateral aligned branches. Ratios for P10 and P20 OPCs were nearly identical,
0.794 + 0.069; 0.791 + 0.052 respectively, and not statistically different (p=0.999). However, P50 cells
(0.587 + 0.026), were significantly different from both P10 and P20 cells (P10 vs P50 p=0.0219; P20

vs P50 p=, indicating a much stronger elongation/shortening of branches.

4.13 OPC processes show preferential alignment with the posterior-anterior body
axis

Next we replicated the analysis for the azimuth angle 6. For the 8 angle branches at 0° align with
the posterior-anterior axis while 90° is used for branches which miss-align with the axis (regardless of
their x-y alignment) [Fig. 29A-C].

First, we investigated how many branches aligned with the posterior-anterior axis. The
overwhelming majority majority of branches aligned with the anterior-posterior axis in all groups. P50
OPCs had significantly more anterior-posterior aligned branches than P10 or P20 cells [Fig. 29D-F, J;
43.913 £ 2.787 at P10; 44.070 £ 1.863 at P20; 51.774 + 2.159 at P50; P10 vs P20 p=0.761; P10 vs
P50 p=0.0138; P20 vs p50 p=0.0110]. However, when we investigated the average lengths of the
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Figure 30. The majority of new branches show a direction preference which is preserved during development.

(A): Example of planar angle measurement to estimate the change in branch direction. The change of direction is measured
at a branching point (pink circle) as an angle between the direction vector of the mother branch (M, red) and the direction
vectors of its daughter branches (D1, orange; D2, violet). The angle measurements are indicated by colored arc arrows, color
corresponding to respective daughter branches. (B): Example of a complex process with the changes to branch direction
measured for every branch. Similar to (A), angular measurements for the first daughter branch are colored orange and for
the complementary daughter branch in violet. Direction vectors for each branch are in red. The planar angle measurements
for the example, binned every 15°, from 0° to 90°, are summarized in a histogram above the graph. (C): Distribution of the
planar angle values measured in the P10 age group. Measurements are binned every 15°, with 0° indicating no change in
branch direction and 180° indicates complete reversion in direction. Each red circle represents a % of angular values per 15°
category in an individual cell. Black circle represents the group average, n=13, N=8 (D): Similar to (C) for the P20 age group,
n=12, N=8. (E): Similar to (C) for the P50 age group, n=13, N=8. (F): Summary of (C) — (E) with group averages plotted
together.
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branches we found no significant differences between the groups [Fig. 29G-l, K; P10 vs P20 p=0.458
to 0.978; P10 vs P50].

4.14 The change in the direction of successive branches is developmentally
preserved

OPCs have a highly ramified morphology, closely resembling morphology of neuronal dendrites.
Dendrites branch extensively to reach their synaptic targets but usually display a preferred angle while
branching (Cherniak, 1992; Rojo et al., 2016; Leguey et al., 2016). Therefore as our next step, we
compared changes in the direction between successive branches by measuring the planar angle
between pairs of branches sharing the same br. point [Fig. 30A, B]. In the analysis 0° indicates no
change in the direction while 180° indicates complete reversion in direction.

Interestingly, we found that in both P10 and P20 cells the largest number of branches ~17%
changed the direction by 30°-45° [Fig. 30C-F; 17.765 + 0.535% at P10; 17.047 + 0.538% at P20],
followed closely by ~16% at 45°-60° [15.900 + 0.515% at P10; 16.508 + 0.300% at P20] and ~14% at
15°-30° [14.096 + 0.533% at P10; 14.678 + 0.576% at P20]. Few branches, ~6%, [6.378 + 0.392% at
P10; 6.186 + 0.312% at P20] changed their direction by less than 15°. After the peak the number of
branches facing broader angles progressively declined. There was very little difference between P10
and P20 cells regarding those values [Fig. 30C-F; 0°-120°, p=0.268 to 0.674]. However, the angles in
P50 OPCs were slightly smaller. The largest number of branches, ~17.5%, changed the direction by
15°-30° [17.283 £ 0.649], followed by ~17% branches changing direction by 30°-45° [17.164 + 0.393].
~9% of angles were less than 15° [8.834 = 0.378%]. This trend tested as significant at 0°-30° for P10
and P50 groups [p=0.0000554 to 0.00133] and remained significant till 75° between P20 and P50
[p=0.0000365 to 0.0368].

4.15  Change in the direction of branches is similar at all branch orders

Finally, we tested whether the change of directions is related to branch order. We measured the
planar angle for all branches of each successive order [Fig. 31A]. Surprisingly, we found no consistent
significant differences in the angle medians, neither within nor between groups, suggesting that OPCs
preserve their branching pattern irrespective of the br. point position [Fig. 31B-D]. Interestingly, there
seems to be a very minor increase in the planar angles with successive orders in the P10, and to a

lesser extend P20 groups, but it is also not significant. P50 group does not seem to have this trend.
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Figure 31. Changes in branch direction are not dependent on the position within a process (branch order) and do

not change during development.

(A): Example of a complex process with the changes to branch direction measured for every branch color coded by branch
order: order 1 in gray, order 2 in orange, order 3 in violet, order 4 in turquoise, order 5 in pink. Arrowheads point towards the
branch for which the angle is measured and are colored based on the branch order. (B): Box plots summarizing the change
in direction at increasing branch orders in the P10 age group. Each red box represents the 25™ to 75" percentile, whiskers
represent the 10™ and 90™ percentile and the black bar is median. Grey box plot represents the average among all orders,
with the median in orange, n=13, N=7. (C): Similar to (B) in the P20 age group, n=12, N=8. (D): Similar to (B) in the P50 age

group, n=13, N=8.
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5. Discussion

During the period between P5 and P9, when callosal axons are growing into cortical layers and
beginning to form arbors, pre-synaptic neuronal activity is crucial for the proper formation of their
projections. Synapses with callosal OPCs are likely formed at this time, followed by an increasing

wave of myelination starting 2-3 days later [Fig. 32].

Figure 32. Myelination of corpus callosum during postnatal development. In red: MBP immunolabeling. Arrowheads
indicate the center of corpus callosum. Adapted from: Chen et al., 2018.

5.1 Dendrite/process morphology is critical for synaptic signal integration

The electrical impact of small synaptic currents in OPCs is mainly determined by their passive
electrical properties. In neurons, the extent of dendritic filtering of synaptic potentials is influenced by
the overall structure of the dendritic tree, the membrane characteristics of the dendrites, and the
location of the synapses. In most neurons, dendrites have a powerful effect on filtering synaptic
potentials as they spread through them. Consequently, the potentials that are recorded at the soma
are much smaller than the same events that are recorded in the dendrites. There are two factors that
impact the difference between EPSPs recorded in dendrites versus those recorded in the soma. The
first is related to the dendritic structure, which includes a relatively low density of charged particles in
the cytoplasm that creates a significant longitudinal resistance. As a result, some current will follow
alternate paths, such as the dendritic membrane capacitance and its resistance. Due to the significant
number of dendritic branches and surface area in most dendritic trees, synaptic current is substantially
lessened as it moves into dendritic branches en route to the soma. During callosal development we

have seen a substantial, almost 11-fold, reduction in R, (P10 vs P50), coupled with a 30-40% increase
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in Cn [Fig. 18] indicating an expansion of the process structure (further confirmed by morphological
analysis [Fig. 25; Fig. 26]), which are likely to cause a prominent reduction in synaptic signals
reaching the soma. This effect of increased passive signal filtration in OPC processes could explain
why the quantal EPSCs reported in Fig. 16 remain comparable throughout callosal development, in
spite of increased Ca®" permeability and larger conductance (Fig. 16; Fig. 17, respectively), which
should increase the magnitude of AMPAR signals (Greger et al., 2017; Zonouzi et al., 2011)
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Figure 33. Stages of neuronal synapse formation. (A) Growth cone filopodia recognize and come into contact with a
suitable postsynaptic target. (B) Growth cone filopodia retract allowing tight apposition of membranes through cell adhesion
proteins. (C) The immature synapse has few presynaptic vesicles and postsynaptic density is small. (D) A mature synapse
with dense extracellular matrix, large vesicle pool and pre- and postsynaptic scaffold. Often astrocyte processes envelop the

synapse. Adapted from Sanes et al., 2019.

Repetitive synaptic input, as occuring during trains of presynaptic action potentials [Fig. 19; Fig.
21; Fig. 22], leads to cumulative synaptic depolarization of OPCs. Jabs et al. (2005) proposed that this
depolarization may be substantial and reach the reversal potentials of synaptic neurotransmitter
receptors. Moreover, during patch-clamp recordings, in line with our report, prominent outward
currents in the range of several nA are observed upon depolarizing voltage steps to approximately —40
mV. Thus, it is clear that the voltage response of OPCs to synchronous activity of presynaptic neurons
will not only be determined by the passive membrane properties but will likely be significantly

modulated by voltage-activated ion channels. The recruitment of voltage-gated channels in OPCs by
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synaptic input has not yet been experimentally addressed. Nevertheless, existing voltage-clamp data

allow us to outline possible scenarios about electrical synaptic integration in OPCs.

5.2 Integration of synaptic input in OPC processes

The electrical integration of synaptic input in OPCs is likely to be modulated by three families of
ion channels due to their pronounced amplitude. These families include A-type K* channels, delayed-
rectifier (DR-type) K* channels, and fast voltage-activated Na* channels (Steinhauser et al., 1994b;
Kressin et al., 1995; Yuan et al., 2002; Chittajallu et al., 2004; Jabs et al., 2005; Xie et al., 2007; De
Biase et al., 2010; Kukley et al., 2010). Although voltage-activated Ca?* channels and persistent
sodium channels have also been identified in OPCs, their direct effect on synaptic potentials is likely
small due to their low amplitude ranges (below 50 pA recorded in the soma at physiological ion
concentrations), their contribution to local signal enhancement within process branches might be
substantial (Akopian et al., 1996; Tong et al., 2009; Haberlandt et al., 2011).

The amplitudes of A-type, DR-type, and sodium channels are large enough to outcompete the
maximal synaptic current amplitudes, indicating that these channels are well-suited to strongly
modulate or abolish synaptic depolarizations. However, whether synaptic potentials recruit voltage-
gated channels also depends on the gating kinetics and voltage range of activation of the channels.
We provided a detailed analysis of these parameters throughout callosal development [Fig. 18]. We
found that A-type K" channels are activated around membrane potential of -40 mV, rapidly open with a
time constant of 0.5-1.5 ms, and deactivate with a time constant of 10-20 ms. In contrast, DR-type K*
channels slowly activate with a time constant of approximately 10 ms when the membrane potential is
depolarized above -20 mV and hardly inactivate. Finally, Na, channels open very fast, in less than 0.5
ms, and also inactivate with a time constant around 2 ms. Notably, the activation threshold for Nav
channels is -40 mV, similar to the threshold of A-type potassium channels. However, the relationship
between these kinetic parameters and voltage ranges and their effect on synaptic input remains to be
explored (Steinhauser et al., 1994b, Sun and Dietrich 2013).

After analyzing the gating properties of DR-type channels and the kinetics and amplitudes of
synaptic conductance changes, it appears that glutamatergic synaptic potentials are unlikely to recruit
large numbers of DR-type K* channels due to their slow activation. Conversely, A-type K* channels
activate quickly enough to modulate synaptic potentials in neurons (Hoffman et al, 1997), which
suggests that glutamatergic synaptic potentials triggered in response to synchronous action potentials
in multiple presynaptic terminals may be reduced in amplitude or shortened by enhanced
repolarization through A-type channels. This modulation may be frequency-dependent for repetitive

release events because A-type potassium channels rapidly inactivate. Therefore this modulation is
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unsustainable at higher frequencies, which could allow A-type channels to function as an input

frequency detector (Sun and Dietrich, 2013).

A 4.ApP B TEA Figure 34. A-type K+ channels shorten mock
ctr ctr PSPs in OPCs. (A) Blocking A-type K+
channels with 4 mM 4-AP strongly broadens and

|— increases amplitudes of mock PSPs. (B)

Application of 10 mM TEA to block delayed-
rectifier K+ channels does not have effects on
the mock PSPs. Scale bars: 15 mV, 3 ms. (C)
Time-course of the average amplitude and half
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width of the mock PSPs during application of 4-
AP and TEA. Adapted from Sun et al., 2016.

[=2}
o
1

half width (ms) amplitude (mV)
IS 3
1 1
=}
-y
w

Once a neuron's membrane potential surpasses a specific threshold, action potentials and/or
rapid spike-like depolarizations are initiated by fast Na, channels. Synaptic integration in neurons
predominantly results in action potentials, which are characterized by three properties: (1) All-or-none
behavior, where an adequate level of depolarization results in a full action potential while inadequate
levels lead to no response; (2) Action potentials are brief and fast, typically lasting 1-2 ms, and
overshoot in amplitude; (3) The amplitude and kinetics of action potentials are highly consistent,
meaning that action potentials can be generated over a wide range of frequencies without reduction in
amplitude or broadening of the waveform (Sun and Dietrich, 2013). For those reasons, integration of
synaptic input is substantially influenced by the all-or-none nature of neuronal firing. The size of the
electrical response is determined by the summation of individual synaptic potentials below the
threshold; once the accumulated input reaches the action potential threshold, the number of active
synapses is largely insignificant. In addition, action potentials’ amplitude and speed are significantly
higher than synaptic potentials, which allows an effective activation of other voltage-gated ion

channels, such as calcium channels. Neuronal input summation has been further complicated by the
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discovery of back-propagating action potentials which can infiltrate dendritic compartments and
potentially modulate synaptic signals (Stuart et al., 1997; Spruston et al., 2013).

The fairly high density of Na, channels in OPCs has led to a proposition that similar mechanisms
might be involved in signal summation and attenuation in OPC processes (effectively behaving as
dendrites). Therefore the capacity of OPCs to generate action potentials is a major question. In
cerebellar white matter, a single study has reported the existence of action potential-like
depolarizations in a subpopulation of OPCs, upon large current injections (Karadottir et al., 2008).
However, other studies did not observe action potentials in these cells and currently it is widely
accepted that OPCs are not capable of generating action potential-like spikes outside specific
experimental conditions (Bergles et al., 2000; Chittajallu et al., 2004; Lin and Bergles, 2004; Lin et al.,
2005; Ziskin et al., 2007; Mangin et al., 2008; Ge et al., 2009; Tong et al., 2009; De Biase et al., 2010,
2011). Despite the absence of action potentials, these channels may serve as amplifiers of synaptic
input (Sun et al., 2013). It is known that OPCs express a variable amount of voltage-activated Na*
channels (Steinhauser et al., 1992; Gallo et al., 1996; Bergles et al., 2000; Diers-Fenger et al., 2001;
Chittajallu et al., 2004; Lin and Bergles, 2004; Ge et al., 2006; Karadottir et al., 2008; Kukley et al.,
2008; Ge et al., 2009; De Biase et al., 2010; Kukley et al., 2010; Clarke et al., 2012).

In whole-cell current clamp recordings, rectangular shaped current injections are typically used to
characterize OPCs. Upon stronger current injections, many investigators report the generation of
additional bump-like depolarizations in OPCs, which ride on the exponentially relaxing membrane
potential. These bump-like events occur with a delay of > 10 ms to the onset of the current injection,
and their amplitude rarely exceeds 10 mV. Additionally, they typically last longer than 20 ms and
therefore do not meet the criteria for action potentials. It is likely that voltage-activated sodium
channels underlie these bump-like events and also amplify and/or accelerate the rising phase of
synaptic potentials in OPCs. This may allow Na* channels to enhance certain larger synaptic events
and facilitate their discrimination against background activity. It remains to be tested whether sodium
channels can activate quickly enough to enhance synaptic input before the large amplitude A-type
current counteracts the depolarization, and this will depend largely on the exact kinetics, amplitudes,
and membrane time constants involved (Chittajallu et al., 2004; Mangin et al., 2008; Ge et al., 2009;
Tong et al., 2009; De Biase et al., 2010; Clarke et al., 2012; Sun and Dietrich, 2013).

Neuron-OPC synapses have a fully functional synaptic release machinery that can repetitively
release neurotransmitter in response to trains of presynaptic action potentials, leading to a barrage of
synaptic potentials in OPCs. During these barrages, A-type potassium channels and fast sodium

channels are expected to rapidly inactivate. However, DR-type potassium channels are well-suited to

94



counteract this repetitive synaptic activity, as they have sufficient time to activate and remain activated
throughout the activity.

DR-type channels may play a role in setting the steady state or plateau membrane potential in
OPCs in certain brain regions where the cells experience strong and enduring synaptic input. The
frequency-response curve of OPCs may be shaped by the voltage dependence of DR-type channels,
potentially leading to a resonance behavior similar to that seen in M-type potassium channels in
hippocampal neurons (Hu et al., 2002; Peters et al., 2005).

As OPCs persist into adulthood, they tend to downregulate voltage-gated ion channels and
increase the expression of un-gated leak channels, which lowers the cell's input resistance (Fig. ;
Kressin et al., 1995; Maldonado et al., 2013). While the increase in synaptic input for a certain period
may compensate for the drop in input resistance, the eventual expression of background potassium
channels (leak channels) will short-circuit the depolarization from synaptic input. Therefore, during
adulthood (P50), synaptic potentials in OPCs are less likely to be shaped by voltage-gated channels,
as the depolarization from synaptic input may not reach the threshold for activating voltage-gated
channels, and the density of voltage-gated channels is likely too low to substantially impact the
membrane potential of OPCs. Interestingly, recent works, consistent with our data, indicated that Nav
density is developmentally driven, peaking around the time of myelination and declining afterwards but
reaching a stable, unchanging density in adulthood (Fig. 18; Spitzer et al., 2019).

During the transition from OPCs to pre-myelinating oligodendrocytes, leak channels are down-
regulated while voltage-activated channels remain active, making OPCs more receptive to synaptic
input. This process occurs during a period when synaptic transmission onto OPCs increases,
suggesting that there is a brief developmental window where individual OPCs experience significant
synaptic depolarization and shaping by voltage-gated ion channels. Similar developmental changes in
ion channel expression have been observed for differentiating A2B5+ O-2A progenitor cells in vitro.
Given the strong similarities between oligodendroglial precursor cells in vitro and OPCs in situ, it
raises the possibility that OPCs co-cultured with neurons may also form functional synaptic
connections, providing a valuable model to study the roles of individual neuron-NG2 cell synapses
over time frames that are not feasible with slice experiments.

It should be noted that the predictions about the recruitment of voltage-gated channels by synaptic
potentials in OPCs requires experimental verification. The interplay of membrane and gating time
constants and voltage dependencies within an individual cell can have a crucial impact on the
outcome. Nonetheless, it is expected that the primary purpose of voltage-gated channels is to shape
synaptic potentials. It will be intriguing to see whether this shaping serves to dampen or enhance

synaptic input in a frequency-independent manner or allows OPCs to differentiate between

95



glutamatergic and GABAergic transmission, both of which are depolarizing (Sontheimer et al., 1989;
Barres et al., 1990). Thus far, no investigations have been conducted to determine the local
integration or electrical properties of processes in OPCs.

While the small geometry of OPC processes leads to more pronounced filtering and attenuation
along the processes in absolute terms, voltage propagation is comparable to neurons when corrected
for the typically shorter processes of OPCs (i.e., 30-50 uym vs. 300 um maximal length). Therefore, in
terms of electronic compactness, OPCs may be considered a miniature rendition of neurons, fully
capable of downscaled dendritic computation (Losonczy and Magee, 2006; Wierenga et al., 2008;
Routh et al., 2009). OPC may require dendritic computation to effectively myelinate neighboring
axons via synaptic transmission. Recently, in vivo imaging of Ca?" activity in single Zebrafish OPCs
revealed the existence of Ca?* microdomains (MDs) where the majority of Ca?* signaling happened (Li
et al., 2022). This signaling is extremely rarely translated into Ca® elevations in the soma. Upon
differentiation of the OPC Ca?" signals within those MD hotspots predicted myelin formation with 32 +
9% accuracy (Li et al., 2022). Therefore local synaptic integration by OPCs likely serves a dual
purpose: identifying and selectively responding to the synaptic activity of individual axons, and
producing a local response in the dendrite that specifically interacts with the corresponding axon. This

response could initiate enwrapping or repelling of the axon (Hughes and Appel, 2019).

5.3 Ca* signaling in OPC processes contributes to synaptic signaling

Ca?" signals in OPCs gradually increase with input strength, enabling them to encode the level of
synaptic activity. Unlike neurons, both locally induced and global Ca?* signals in OPCs decay with a
time constant of several seconds, whereas in neurons, Ca? levels typically return to baseline within a
few hundred milliseconds. Therefore it has been postulated that Ca?* signals in OPCs, characterized
by their low incremental amplitude, slow return to baseline, and reliable occurrence even in distal
processes, play a crucial role in effectively integrating synaptic input of a wide range of frequencies
across their dendritic tree (Sun et al., 2016).

Although previous studies have shown the presence of VGCCs in OPCs (Haberlandt et al., 2011;
Cheli et al., 2014; Larson et al.,, 2016), only recently it was demonstrated that synaptic-like
depolarizations can trigger rapid and robust Ca?* signals in both the soma and processes of OPCs
(Sun et al., 2016). These Ca? signals are mediated by low-threshold VGCCs: (1) they were triggered
exclusively by current injections; (2) they appeared when cells were depolarized to -40 mV; (3) they
were blocked by Ni?*/Cd?* and a cocktail of R- and T-type channel blockers SNX-482 and TTA-P2; (4)
they were potentiated by blocking K* channels and showed a rapid rise, indicating that the Ca?* source

was active for only a few milliseconds; (5) they were resistant to blocking Na*/Ca?" exchangers or Ca?"
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stores by 10 uM KB-R7943 and thapsigargin. The Ca* signals recorded in OPCs are different from
the Ca* store-mediated Ca® elevations seen in astrocytes, which occur and decay over several
seconds.

The Ca*" signals in OPC processes induced by local synaptic stimulation or glutamate uncaging
are comparable in kinetics and magnitude to those elicited by somatic current injections. This
suggests that they also arise from VGCC recruitment. Glutamate receptors could serve as a source of
Ca?* entry if more widespread receptor activation was achieved in line with previous observations (see
Ge et al., 2006) although Sun et al., 2016 believe that due to the conditions used in their study, (the
response was enhanced by 4-AP and the glutamate uncaging protocol alone did not trigger Ca
responses) glutamate receptors were not a likely source of Ca?*.

The activity of A-type K* channels is known to restrict Ca?* signals in OPCs, which has previously
led to the conclusion that synaptically-driven Ca?* signals in these cells are unlikely to occur (Velez-
Fort et al., 2010; Haberlandt et al., 2011). However, data from Sun et al., 2016 suggests that under
control conditions, A-type channels reduce the effectiveness of synaptic input by shortening and
decreasing the associated Ca?* signals after the synaptic depolarization. This indicates that the impact
of synaptic transmission on Ca?* signaling in OPCs is dependent on A-type K* channel activity. Given
that Ca®" plays a key role in the developmental behavior and gene expression of OPCs, it is likely that
A-type K* channels regulate how neuronal transmitter release affects oligodendrogenesis and
myelination (Pende et al., 1994; Paez et al., 2009; Paez et al., 2010).

Interestingly, this suggests that OPCs are most responsive to synaptic input from neurons when
A-type channels are suppressed. This raises questions about how and under which conditions such
suppression can be achieved. Activity of A-type channels can be reduced when membrane
depolarization brings them into a state of inactivation. Thus, patterns of synaptic input that maximize
inactivation of A-type channels enhance the impact of axonal activity on OPC behavior. Based on
previous reports on the kinetics of A-type K* channels (Steinhauser et al., 1994b), the authors suggest
that brief trains of action potentials (50—-100 ms) should be very effective at inactivating A-type
channels and opening the 'calcium-gate’ in OPCs.

Further supporting the hypothesis of dendritic computation, in the study the absolute
depolarization of the soma was clearly below the voltage range typically required to reliably induce
Ca?" signals and all Ca®* signals recorded in dendrites, regardless of whether induced by synaptic
stimulation, by a train of mock PSPs, by Gaussian distributed mock PSPs, or by glutamate uncaging,
display a rapid rise, indicating that the Ca®" source must be very close to the optical recording site in
the processes. Additionally, Ca*" signals induced in the soma rapidly spread into all dendrites and

reached even the distal ends with undiminished amplitudes (Sun et al., 2016). This can only be
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achieved if VGCCs are present all along the processes to regenerate the signal. No processes were
found that did not generate Ca?* responses, therefore indicating that most, if not all, OPC processes
are equipped with VGCCs (Haberlandt et al., 2011; Sun et al., 2016).

The data suggests that voltage-dependent Ca®** and K' channels in the processes of OPCs
function as independent processing units. The localization of A-type channels in OPC processes
further supports this view (measured indirectly; see Sun et al., 2016). When these channels were
blocked with 4-AP, glutamate uncaging was able to recruit more Ca?" channels by a stronger
depolarization compared to control conditions, even though the resulting depolarization measured at
the soma was negligible. Thus, 4-AP must have allowed for a larger depolarization of the local
membrane in the dendrite in response to uncaging, which was not visible in the somatic recording.
The most plausible explanation is that 4-AP was also acting on dendritic A-type K* channels, which
rendered dendritic glutamate uncaging more effective in generating a larger local depolarization and
recruiting dendritic VGCCs. Overall, these findings demonstrate that OPCs express voltage-
dependent Ca*" and K* channels in their dendrites, and these channels actively shape synaptic input
as independent processing units.

5.4 Plasticity at OPC synapses

In our work we show a developmental change in the short-term plasticity of OPC synapses,
changing from strong depression at juvenility (P10) to potentiation in adulthood (P50) [Fig. 19; Fig.
21]. Neuronal literature shows numerous examples of developmentally driven changes in the plasticity
of central synapses [Fig. 35]. Based on this property, most synapses in the CNS can be divided into 2
subcategories, serving different functions: High-release probability synapses which usually undergo
short term depression (STD, as in the cerebellum), functioning as high fidelity detectors of the initial
input, desensitize if the input is present repeatedly. Low release probability synapses usually undergo
potentiation (STP), therefore functioning as detectors of repetitive or periodic input (Regehr, 2012).

The underlying mechanism of STP is unknown. Since STP develops rapidly within seconds after
stimulation, it is likely that rapid changes in synaptic strength may be an effect of phosphorylation of
AMPARs which are already present within the synapse. It is, therefore, reasonable to consider
phosphorylation by CaMKIl as a candidate mechanism for STP and working memory, as this
phosphorylation increases channel conductance of AMPARs (Hosokawa et al., 2014). GluA1 knockout
mice experiments have shown a considerable deficiency in both STP and working memory, indicating
a possible role of STP in working memory (Erickson et al., 2010; Sanderson, et al., 2009). However, in
neurons, STP is also linked to NMDARs activation, while OPC synapses typically do not contain
NMDARs (De Biase et al., 2010).
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Figure 35. Development of short-term synaptic plasticity in the auditory system, before and after the onset of
hearing. (A) AMPAR-mediated excitatory postsynaptic currents recorded in auditory brain stem MNTB neurons in response
to a 200Hz stimulus train. Examples are shown from pre-hearing (P9)and post-hearing (P14) neurons. Before the onset of
hearing, synaptic depression and failures were observed, but the depression was reduced after hearing onset with no
failures. (B) Excitatory postsynaptic potentials (EPSP) recorded in auditory cortex Layer 3 pyramidal neurons in response to
stimulation of a second Layer 3 neuron. In P11, stimulation of the presynaptic neuron at 10Hz evoked EPSPs that declined in
amplitude (STD). At P28, stimulation at the same rate did not produce STD. (C) Inhibitory postsynaptic currents (IPSC) were
recorded in auditory cortex Layer 3 pyramidal neurons in response to stimulation of either FS (left) or LTS (right) inhibitory
interneurons. In P10 cortex, stimulation of either inhibitory neuron led to STD. After the onset of hearing the FS-evoked

response led to STP. Adopted from: Sanes et al., 2019.

Currently very little is known about STP at neuron-OPC synapses during callosal development.
During adulthood the synapses tend to strongly potentiate and in gray matter may display some
characteristics of long term potentiation (LTP) upon repetitive stimulation (Ge et al., 2006). OPC
synapses share certain similarities with immature neuronal synapses, which usually have limited
vesicular pool, no clear post-synaptic density (PSD) and much tighter apposition of pre- and
postsynaptic membranes (adhesion junction), resulting in fast kinetics of synaptic currents. In contrast,
mature, well established synapses contain large pools of synaptic vesicles, clear PSD and broader
cleft resulting in slower rise times of EPSC (Sanes et al., 2019). The qEPSC currents of OPCs in all
investigated ages displayed a striking similarity to those at young neuronal synapses with a very sharp
rise time of ~0.5ms which is 3-4 times faster than most neuronal synapses in the cortex or
hippocampus (Silberberg et al., 2004; Fricker and Miles, 2000). OPC NG2 protein contains neurexin-
like domains which serve as adhesive modules for synapse assembly (Trotter et al., 2010) and PDZ

binding motif interacting with AMPAR anchoring GRIP, commonly expressed at neuronal synapses
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(Dong et al., 1997). In addition, OPCs interact with axons through N-cadherins, required for the
maintenance of nascent dendrite arbors. This view is further supported by the finding that OPCs do
not disintegrate their connections during cell division and inherit existing synapses (Kukley et al.,
2008). However, it is likely that neuron-OPC synapses might be unstable over time due to the high
migration rate of OPCs (Hughes et al., 2013).

A defining characteristic of synapses in their activity profile upon repeated activation by action
potentials, where successive stimuli can lead to either short-term facilitation (STP) or short-term
depression (STD). This short-term plasticity (STP) plays a crucial role in temporal computation (Deng
and Klyachko, 2011). Multiple mechanisms have been proposed to explain differences in STP:
changes in the responsiveness of receptors to neurotransmitter binding, alterations in calcium
signaling and the sensitivity of vesicle fusion have been observed at various neuronal synapses.
Presynaptic STD is often attributed to synapses with high probability release, where a single AP
causes a significant depletion of the readily releasable pool (RRP). Conversely, presynaptic STP is
often linked to synapses with low initial release probability and a rapid increase in release probability
during successive APs can be caused by regulation of calcium channels (Catterall et al., 2013; Holbro
et al., 2009), saturation of local calcium buffers (Matveev et al., 2004), or accumulation of intracellular
calcium (Deperrois and Graupner, 2020; Zucker and Regehr, 2002). Throughout callosal development
neuronal-glial synapses change from ones unable to sustain long periods of continuous glutamate
release (STD) to ones able to sustain such activity (STP). Interestingly, in our study the release
probability to single pulses at the synapses is comparable at all age groups (0.0975 +/- 0.0272 at P10,
0.0956 +/- 0.0152 at P20, 0.0736 +/- 0.0186 at P50), therefore the synapses can be considered as
having low release probability throughout callosal development. The presence of STD at P10 strongly
suggests that the pool of available vesicles might be small during early development and is expanded
during later developmental stages. This mimics developments at neuronal synapses undergoing STP,
where the number of available vesicles triples during synapse maturation. However, the STP
developing at P20, and likely complete by P50, is probably involving additional mechanisms linked

with Ca?" regulation responsible for the priming reflected in the change of the EPSC onsets [Fig. 20].

5.5 Vesicle pool in short-term plasticity

The properties of presynaptic vesicles play a crucial role in determining synaptic efficacy and
contribute to short-term plasticity. Vesicles are often grouped into functional pools, but there is no
universally agreed-upon classification (Schneggenburger et al. 2002; Rizzoli and Betz, 2005; Becherer
and Rettig, 2006; Schweizer and Ryan, 2006). In this discussion, we will adopt the terminology used
by Betz (Rizzoli and Betz, 2005).

100



Each active zone of a presynaptic terminal usually contains hundreds of vesicles. The recycling
pool (RP) constitutes a fraction (usually 10-20%) of these vesicles and is released during sustained
high-frequency activation. The readily releasable pool (RRP) is immediately available upon
presynaptic cell stimulation. The remaining vesicles, known as the non recycling pool (NRP), are
difficult to release. The size of the RRP can be determined by applying a hypertonic sucrose solution
(Rosenmund and Stevens, 1996) or by using a large sustained elevation of presynaptic calcium
produced by depolarization or calcium uncaging (Schneggenburger et al., 2002; Rizzoli and Betz,
2005; Fioravante and Regehr, 2011). The RRP typically consists of several percent of the vesicles
within a presynaptic bouton (Rizzoli and Betz, 2005; Becherer and Rettig, 2006; Schweizer and Ryan,
2006). In some synapses, the RRP is divided into fast and slow vesicle pools, which are differentially
recruited and differ in their propensity to release (Wu and Borst, 1999; Sakaba and Neher, 2001). The
different vesicle pools may be due to the distance from voltage-gated calcium channels (Wadel et al.,
2007).

(P6) —_— (P40)

CC I——

Figure 36. Developmental differences in vesicular release in corpus callosum. (left) Sucrose application to callosal
fibers leads to low number of synaptic vesicles release at P6. (right) The same concentration of sucrose, applied over the
same time releases large number of vesicles at P40. Adapted from: De Biase et al., 2010.

Our results from the 100Hz train stimulations in the P10 age group suggested limited vesicle
availability [Fig. 19G-l, K; Fig. 21J-L, N; Fig. 36]. Synaptic responses displayed deep depression and
became exceedingly rare. Furthermore the median EPSC onset was delayed by more than 1ms with a
high variance. During callosal development synaptic depression changed into potentiation, onset
delays progressively changed into brief increase in release speed, more prominent at P50 than at P20
[Fig. 20]. Our view is indirectly supported by previous experiments in CC, where puff application of
sucrose (causing vesicular release through osmotic shock) to the callosal fibers triggered release of a
small number of mMEPSCs in P6 OPCs but a much higher number, with larger amplitudes at P40 [Fig.
36] (De Biase, 2010).
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5.6 OPCs are highly dynamic cells, continuously migrating through the brain

OPCs are a highly dynamic population in the resting brain surveying their local environment with
motile filopodia, and they continuously migrate through the brain parenchyma while maintaining
exclusive territories through self-repulsion (Hughes et al., 2013). Whenever OPCs are removed from
the population through differentiation or death, they are rapidly replaced through the proliferation of an
immediate neighbor. High density of these progenitors throughout the CNS contributes to tissue repair
and efficient generation of oligodendrocytes. Individual OPCs occupy non-overlapping domains, and
they are distributed in a grid-like or tiled manner. However, mechanisms which limit the growth of
these progenitors, given that the grid is constantly reorganized, are currently unknown. Homotypic
repulsive interactions through transmembrane receptors, such as MEGFs and DSCAM (Kay et al.,
2012; Fuerst et al., 2008), regulate the mosaic spacing of neurons in vertebrates and invertebrates
alike. Similar interactions are likely to play a crucial role in both establishing and maintaining the
density of OPCs since the selective ablation of individual cells is sufficient to trigger a rapid invasion of
the territory of the removed cell, and contact between OPC processes was always followed by
retraction. Homotypic repulsion would also provide the means to establish and maintain the radial
orientation of their processes (Lefebvre et al., 2012; Hughes et al., 2013) Enhanced access to
mitogens, such as platelet-derived growth factor (PDGF), may be a mechanism through which
proliferation of these progenitors may be triggered. In vitro studies have shown that oligodendrocyte
progenitors display a decrease in proliferation with increasing density of platelet-derived growth factor
(PDGF) (Calver et al., 1998; Baron et al., 2000), indicating that direct interactions may regulate their
growth. Although molecules like netrin and semaphorins have been identified to affect the dispersion
and differentiation of oligodendrocyte progenitors during development (Spassky et al., 2002), the
mechanisms responsible for maintaining their density in the adult CNS remain to be discovered. Given
the extensive overlap of OPC processes with other tiling glial cells like astrocytes and microglia, it is
probable that distinct molecular pathways control the distribution and density of different glial cell
types.

Continuous imaging of OPCs in the cortex has revealed that the entire OPC network undergoes
continuous reorganization, due to cell loss and their inherent pressure to actively survey the
surrounding environment (Hughes et al., 2013). Individual cell migration was triggered by local events,
such as the differentiation, death, or displacement of neighboring cells, rather than large-scale
attractive or repulsive gradients. The local proliferation of neighboring cells was the primary
mechanism for maintaining the OPC population and migration of single cells over long distances was

not observed, consistent with the remarkable self-repulsion of these cells. OPCs are equipped with
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dynamic filopodia, which extend along their processes and from their somata, to explore the local

envi-

ek

Figure 37. OPC density is maintained through local proliferation. (A) Images from time-lapse images showing OPC
differentiation (green cell) or death (red cell) is associated with proliferation (yellow arrowheads) of a neighboring OPC
(cyan). The intensity for the differentiating cell at day 4 has been increased 3x to highlight the morphological change. (B) Top:
In vivo time-lapse images of an individual OPC (pseudo-colored green) that differentiated into an oligodendrocyte during the

8 day imaging period. Note that differentiation resulted in processes extension and proliferation (yellow arrowheads) of the
neighboring OPCs surrounding the differentiating cell. Bottom: Montage showing the territory of the differentiating cell
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(yellow) overlaid with the processes of neighboring OPCs (white) that entered the territory of the differentiating cell. Note that
there was extensive invasion of cell territory very early in the differentiation process. (C) Top: In vivo time-lapse images of an
individual OPC (pseudo-colored red) that died during the 4 day imaging period. Bottom: Montage showing the territory of the
dying cell (yellow) overlaid with the processes of neighboring OPCs (white) that entered the territory of the dying cell.

-ronment and evaluate the density of other OPCs, the state of myelination of nearby axons, and the
viability of oligodendrocytes. The preservation of a high density OPC network in the adult CNS may
enable them to detect demyelinated axons and play a role in oligodendrocyte regeneration, which is
impaired in many chronically demyelinated white matter lesions in multiple sclerosis (MS) (Chang et
al., 2000; Franklin et al., 1997). The restoration of OPC numbers in such lesions may be
therapeutically advantageous in MS (Boyd et al., 2013; Kirby et al., 2019).

Due to the high motility and constant movement through the parenchyma it was suggested that
synapses between OPCs and axons are continually remodeled, likely on a time scale of days to
weeks. While the role of this rapid communication in vivo is unclear, glutamatergic signaling has been
shown to influence the proliferation and differentiation of these progenitors in vivo (Nagy et al., 2018;
Gibson et al., 2014). As OPCs occupy non-overlapping domains, the continual reorganization of their
processes may enable them to sample the activity of a greater proportion of axons, potentially
allowing for learning-induced changes in myelination and rapid replacement of degenerating
oligodendrocytes. In vivo genetic fate tracing studies have shown that OPCs continue to generate
oligodendrocytes in the adult CNS, albeit at a lower rate than during early postnatal life. Time-lapse
imaging has confirmed that OPCs in the cortex of 5-month-old mice continue to differentiate into
oligodendrocytes at a low rate (Kang et al., 2010; Rivers et al., 2008; Young et al., 2013). In vitro
studies have indicated that oligodendrocytes are generated through asymmetric division of
oligodendrocyte progenitors, but the steps leading to oligodendrogenesis in vivo have remained
uncertain. Through long-term imaging, it has been discovered that the majority of OPCs in the adult
cortex directly differentiate into oligodendrocytes. This suggests that proliferation of OPCs in vivo is
not necessarily a direct reflection of oligodendrogenesis, but rather a homeostatic response to replace

progenitors that have differentiated or died (Hughes et al., 2013).
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6. Conclusions

In the present study we found that synaptic properties of callosal OPCs change remarkably
during development. Most of the changes display characteristics reported for various
neuronal synapses. Changes in the synaptic properties are linked with a gradual shift in OPC
intrinsic properties, which change in a way suggesting that OPCs become less responsive to
the synaptic input. Therefore the shift in synaptic plasticity reported in our work, from STD to
STP, could highlight a change in the mode of OPC activation: in adulthood, contrary to
juvenility, to overcome the higher passive signal filtering introduced by substantial decrease in
Rm and Vm concerted activation of multiple synaptic inputs might be necessary. Interestingly,
the dramatic changes in the properties of synaptic input are accompanied by a remarkable

stability of OPC morphology and branching.

Therefore, understanding the mechanisms by which synaptic signaling regulates OPC
proliferation and differentiation at distinct developmental stages could be of fundamental

importance to evaluate the role of those cells in health and disease.
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7. Future perspectives

In the future, research on the development of the oligodendrocyte lineage should focus on
expanding our knowledge of the molecular factors that determine lineage specification, as well as
intrinsic and extrinsic regulators of cell proliferation and differentiation. Additionally, studying
transcription factors that modulate myelin gene expression will be crucial. It is important to determine
whether transcriptional and developmental programs are synaptically regulated in this population of
glial progenitors, and if AMPAR activity or Ca?* influx through these channels selectively affect specific
phases of OPC development. Further research should investigate whether postsynaptic
specializations in OPCs are similar to those in neurons. Especially for callosal projection neurons it
would be worthwhile to investigate whether ipsi- and contralateral neuronal synapses share similarities
with CPN synapses onto callosal OPC. The study of these synapses has significant potential for
clinical translation, as it may enhance our understanding of neurological and developmental disorders
involving white matter.

Moreover, recent studies suggest that oligodendrocyte precursor cells (OPCs) have additional
functions beyond serving as progenitors for oligodendrocytes. OPCs have been observed in non-
myelinated regions and have been shown to migrate to sites of injury where they contribute to scar
formation, similar to microglia (Hughes et al., 2013). Furthermore, studies indicate that OPCs can
transform into inflammatory OPCs (iOPCs) that present exogenous antigens through MHC class | and
I when exposed to inflammatory cytokines, suggesting that they may play a role in modulating tissue
inflammation (Kirby et al., 2019; Falcao et al., 2018; Jin et al., 2018). OPCs share many features with
microglia, such as a similar density, grid-like distribution with non-overlapping domains, ramified and
radially-oriented processes, and high motility with dynamic filopodia (Hughes et al., 2013). Given their
robust dynamics and broad distribution, OPCs are well-positioned to modify neural circuits. Recent
discovery of phagosome-like structures inside OPC processes and the continuous presence of OPCs
throughout the CNS, which retain similar morphology and dynamics, raises the possibility that they
may have the ability to modify circuits and clear cellular debris induced by injury or normal aging
(Buchanan et al., 2022; Jin et al., 2018).
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